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Abstract
Traditionally, fungal taxonomy was based on observable phenotypic characters. Recent
advances have driven taxonomic conclusions towards DNA-based approaches and these techniques
have corresponding pros and cons. Species concepts must therefore rely on incorporated
approaches of genotypic, phenotypic and physiological characters and chemotaxonomy.
Examination and interpretation of morphological characters however vary from person to person.
Standardized procedures are used in the taxonomic study of fungi and general practices of
phenotypic approaches are herein outlined. It is not possible to detail all techniques for all fungi
and thus, this paper emphasizes on microfungi. Specimen collection is the initial step in any
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taxonomic study and all taxonomic information are gathered from the specimens. Therefore,
guidelines are provided for the collection, data recording and storage of specimens. Morphological
examination, microscopy, photography and descriptions of specimens are important for fungal
identification. Hence, techniques for staining, mounting and slide preparation are explained. In
addition, obtaining pure cultures from specimens and maintaining those isolates for future studies
are challenging. Isolation techniques are numerous and often complicated. Good techniques need to
isolate a maximum number of strains from a specimen and obtain the desired taxon, while
excluding all others. Methods to isolate microfungi including basal fungi, hyphomycetes,
coelomycetes, ascomycetes, plant pathogens, soil fungi, air-borne fungi, epiphytes and endophytes
are detailed herein. Sporulating cultures are useful to describe the morphological characters of
relevant fungi, but sometimes these characters are absent or difficult to find on natural substrates
and it is also difficult to link same fungal organisms based on sexual and asexual morphs. The
techniques that induce sporulation of different fungal groups are explained and discussed.
Specimens, protologues or descriptions, diagrams, illustrations, cultures and DNA sequences need
to be deposited at accessible repositories and guidelines are provided for such deposition. The
available data are used in future studies. Furthermore, preservation of cultures and specimens is
essential. Cultures are used in DNA extraction, mating or cultivation studies, sporulation and
metabolites extraction. Colony characters are often significant from each other and sporulated, dry
cultures and specimens represent the type status of the desired fungus. Therefore, culture and
specimen preservation techniques of different fungal groups are discussed.
Keywords – Ex situ preservation – Isolates – Morphology – Mycotaxonomy – Specimen
collections
Introduction
The term fungus was directly adopted from the Latin word “fungus” (Simpson 1979). The
scientific study of fungi is believed to have originated in 1836 with Miles Joseph Berkeley's
publication (Ainsworth 1976). Earlier, taxonomists contemplated that fungi were closely related to
plants, based on their similar morphology and growth habitat. Later, it was realized that fungi are a
separate kingdom, which diverged around one billion years ago (Baldauf & Palmer 1993, Bruns et
al. 2006, Parfrey et al. 2011). Around 144,000 species of fungi have so far been formally described
(Willis et al. 2018, Wijayawardene et al. 2020), but it has been estimated that there may be 2.2 to
3.8 million species (Hawksworth & Lücking 2017) and therefore, the actual number is far from
certain (Hyde et al. 2020a). Traditionally, fungal species have been distinguished by different
approaches and concepts based on morphology, physiology, biochemistry or reactions to chemical
tests.
Classification based on phenotypic characters is the most common traditional method used in
defining fungi and it was improved with innovations in microscopes in the 19th century. However,
fungal spores and their germ tubes were observed by Giambattista Della Porta in 1588 for the very
first time. A preliminary classification was established for mushrooms by Persoon (1794) and Fries
(1873) expanded this using spore colour and microscopic characteristics such as arrangement of the
hymenophore, pores, gills and teeth. Numerous archetypal publications have used morphology to
classify higher to lower taxonomic levels of fungi, such as Hughes (1953), Kohlmeyer &
Kohlmeyer (1979), von Arx & Müller (1975), Barr (1978), Carmichael (1962), Sutton (1980) and
Barr (1987). The results of morphology-based taxonomic studies are also important and used in
other research areas, such as fungal biochemistry, biotechnology, bioremediation, physiology and
plant pathology (Ali 1962, Hyde & Alcorn 1993, Ali-Shtayeh & Jamous 2000, De Souza &
Declerck 2003, Duong et al. 2008, Evidente et al. 2008, Hyde & Soytong 2008).
Modern mycotaxonomy has moved forward using morphology with a combination of
chemotaxonomy, phylogeny, genetics, ecology and molecular biology (Senanayake et al. 2017b,
2018, Manawasinghe et al. 2019, Hyde et al. 2020a, Phukhamsakda et al. 2020a, Samarakoon et al.
2020, Wibberg et al. 2020). Utilization of sequence data for phylogenetic, biological, genetic and
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evolutionary analyses, has provided insights into the diversity and inter and intra-relationships of
fungal groups (Hongsanan et al. 2017, Hyde et al. 2020b). These have challenged, but also
complemented traditional morphology-based fungal classification over time (Ekanayaka et al.
2017).
Why phenotypic classification is important?
Our knowledge of fungal taxonomy is primarily based on morphology-based classification
(Hyde et al. 2010). It is initially important to use phenotypic approaches and followed by other
methodologies such as molecular, chemical, ecological or physiological analyses (Manawasinghe et
al. 2019). However, some technologies are not yet affordable or convenient to use in all the basic
laboratories. The cost of novel technologies is relatively high. Morphological analyses are however,
low in cost and results are obtained rapidly (Hyde et al. 2010). In cases where, there is a lack of
sequence data or a limited amount of a specimen is available, then morphological data may still be
useful (Chethana et al. 2020). There are also numerous wrongly named sequences or sequence data
with errors in GenBank and morphology helps to resolve the taxonomy of them at this point (Hyde
et al. 2010). Therefore, morphology is still the most common and reliable procedure to study fungi.
A large number of extant species do not have molecular data and most taxonomic databases
contain morphological and ecological data such as nutrient mode, ecological distribution, hosts, and
substrates (Muthukrishnan et al. 2012, Senanayake et al. 2015). Therefore, researchers can compare
those data across and among different taxonomic or ecological groups of fungi even in the absence
of molecular data (Schmit & Lodge 2005). These are important considerations for large-scale
research. In addition, researchers in developing nations are unable to obtain large amounts of
molecular data because of its cost (Mueller et al. 2004a).
Morphology based fungal taxonomy is essential to determine the global mycota (Hibbett et
al. 2011, Gupta et al. 2013). In the last two decades, a huge amount of discovered new species were
introduced based on both phenotypic and genotypic characters (Gupta et al. 2013). DNA based
systematics has confirmed much of the phenotypic taxonomy and under most circumstances they
have been found to be complementary. Protologues of novel taxa now require English (or Latin)
diagnosis for validation (International Code of Nomenclature for algae, fungi and plants (Shenzhen
Code), Turland et al. 2018). Therefore, phenotypic taxonomy is basic, applicable in many cases,
rapid and inexpensive.
Negative aspects of conventional morphology-based taxonomy
Morphology-based taxonomy sometimes may not resolve species accurately due to
overlapping characters, a high degree of phenotypic plasticity, cryptic species, and occurrence of
different morphs for the same taxa (Hyde et al. 2016, Jeewon & Hyde 2016, Wijayawardene et al.
2016). Cryptic species simply refer to the fungal species that have similar morphological
characters, but are genetically different (Williams et al. 1990, Roeckel-Drevet et al. 1997,
Wijayawardene et al. 2014) while phenotypic stasis forms the genetic variations by natural
selection, mutation and recombination (Chethana et al. 2020). Morphology of a single species
sometimes shows slight variations under different environmental conditions, geographical regions,
hosts and different life modes (Vasilyeva & Stephenson 2010, Lücking 2019). Pleomorphism is
another aspect, which is the ability of some fungi to alter their morphology, biological functions or
reproductive modes in response to environmental conditions (Wingfield et al. 2012, Peršoh 2015).
Homoplasy may also occur in some fungal species which are shared morphological characters by a
set of species, but not present in their common ancestor (Chethana et al. 2020). Therefore, it is not
always possible to separate taxa based on morphological comparisons (Maharachchikumbura et al.
2014, Udayanga et al. 2014).
Sampling errors and personal experience of taxonomists are also affected on morphological
characterization (Bortolus 2008). However, these errors can be eliminated by molecular analyses.
Some taxa may not grow or produce reproductive structures on artificial media and rarely produce
sexual or asexual structures in natural settings. Therefore, these taxa may be overlooked in
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traditional morphological characterization even though they could be important members of the
fungal community (Hyde & Jones 2002). Morphological data is however, inappropriate for largescale environmental surveys. Classical sampling is more time consuming than molecular techniques
(Straatsma et al. 2001). Considerable taxonomic expertise is required for classical sampling
because species are identified based on morphology (Phukhamsakda et al. 2020b). In morphologybased methodology, sexual and asexual morphs are identified as two distinct species, while this is
not an issue with molecular data (Taylor 2011, Wingfield et al. 2012).
What is the need of this paper?
The protocols for morphological analyses of fungi are scattered in various papers and
different researchers follow different methods. Therefore, it is difficult to compare the results
because the followed methodologies are different. Hence, gathering of all the protocols and
presenting the standardized protocols are required. Each group of fungi has its own protocols and it
is impossible to include all of these in a single paper, and therefore, this paper reviews the methods
only for microfungi. Readers should refer to the various manuals available for specific groups of
fungi. Examples include yeasts (Arai et al. 1977, Liu et al. 2011, Suzuki et al. 2018), aeroaquatic
fungi (Fisher & Webster 1981, Webster & Descals 1981, Hawksworth 1991), mushrooms (Mueller
et al. 2004b, Leonard 2010, Taylor & Ellison 2010), medical mycology (Beneke & Rogers 1980,
Homei 2006, Pihet et al. 2009, Köhler et al. 2015, Sullivan & Moran 2015, Yu et al. 2017),
Discomycetes (Barr 1990, Ekanayaka et al. 2017), lichens (Sanders 1997, Gargas et al. 1995,
Muggia & Grube 2018), smuts and rusts (McAlpine 1906, Vánky & Shivas 2008, Shivas et al.
2014) and plant parasitic fungi (Wennström 1993, Wingfield et al. 2012).
Objectives and outcomes
The protocols of morphological examination, isolation, sporulation and ex-situ preservation
of microfungi including saprobic sexual and asexual morphs of ascomycetes, endophytic, epiphytic,
airborne, soil, phytopathogenic and basal fungi are reviewed. Sampling techniques, getting permits
and access to collecting sites, field tools, temporary storage, transport and preparation of specimens
for examination are discussed in detail under specimen collection and examination. In
morphological examination and characterization, several subtopics are discussed as sectioning of
specimens, mounting, staining, microscope slide preparation, photography and illustrating. As well
as, isolation and sporulation techniques for microfungi are also discussed. In addition, cultures and
specimen preservation, rules and regulations for deposition and transportation are discussed.
Limitations and shortcomings of conventional methods are discussed and guidelines and solutions
are provided.
1. Fungal specimen collection and examination
Fungi are ubiquitous in terrestrial and aquatic habitats including extreme environments
(Selbmann et al. 2005, Maharachchikumbura et al. 2016). They have various modes of nutrition,
importantly as saprobes, phytopathogens, animal and human pathogens, soil or dung inhabitants,
endophytes, epiphytes, symbionts, lichenicolous and fungicolous (Lawrey & Diederich 2003,
Chomnunti et al. 2014, Kim et al. 2017, Sun et al. 2019, Hyde et al. 2020b). Therefore, it is
necessary to be acquainted with modes of life and life cycles before collecting fungal specimens.
Samples are generally collected based on the objectives of the research, such as ecology-, niche-,
host-, geological distribution- and taxon-based studies (Guarro et al. 1999, Zhang et al. 2015,
Girometta et al. 2020).
Sample collection is a skill, which improves with experience. A beginner who learns to
collect specimens may not generally collect like an expert. The trainee mycologists always collect
“macro” members of Diatrypaceae, Xylariaceae and Hysteriaceae species as these are conspicuous
(Hyde et al. 2010, 2020a, Leonard 2010, Hernández-Restrepo et al. 2017). With time, the beginner
will improve their skill to locate inconspicuous microfungi. It is important to establish which taxa
to look for by reading about their general morphology. Information on habitat and modes of life
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will help the collectors to find the desired taxa (Leonard 2010). Climate, seasons and weather
conditions are important. Seasonality affects fungal composition, species richness and species
diversity (Tokumasu 1998, Maria & Sridhar 2004, Muthukrishnan et al. 2012). For example, some
saprobic fungi may occur more often and at a higher frequency during the rainy season (Zhou &
Hyde 2002), while they may produce sexual morphs with thick-walled spores when the
environment is dry. Fungal diversity differs from terrestrial to aquatic habitats even when those
habitats border each other (Cai et al. 2006). Though, there are a small number of dominant species
common to both habitats, a considerable amount of species is unique in each ecosystem (Jobard et
al. 2010).
Fungal specimen collection is important in many ways. Fresh fungal specimens are the basic
biological material for mycologists and taxonomists to study (Prance & Fechner 2017). All
specimens of taxonomically novel taxa are conserved as vouchers for scientific research including
taxonomic, ecological, biochemical analyses and reference specimens for accurate identification of
fungi (Raja et al. 2017, Wu et al. 2019). Type specimens are the representative material of the taxa
and it is possible to designate epitypes, paratypes and syntypes using dried collections (Ariyawansa
et al. 2014). Host, locality, time and distribution of taxa are documented with specimens and this
information merges with most ecological studies.
Permits and access
Collecting specimens in national parks, state forests and protected areas is not allowed in
many countries (Leonard 2010). Sometimes, it is possible to obtain a permit specifying the
collecting sites, duration and purpose of collecting for scientific study, which may help in gaining
access. Permission is requested from the owner or the authority to access and traverse the territory
before entering private and farm lands (Dudley 2008, Dudley et al. 2013).
Field tools
Collectors should wear enough protective tools for personal care, such as sunscreen cream,
hats, long-sleeved shirts and trousers, insect repellent, sturdy shoes and should bring a first-aid kit,
water and foods. There is usually no risk in handling fungi except some poisonous mushroom
species and human-pathogenic microfungi (De Mattos-Shipley et al. 2016, Hyde et al. 2019).
However, some people may have dermatological or respiratory allergies to fungal spores and
exudates.
The following tools (Fig. 1) should be taken to the field for collecting, recording and storage
of samples.
1. Pocket knives, forceps, soft paint brushes or trowels
If the species inhabits twigs, leaves, flowers, seeds or soil, then they are collected carefully
and placed in a container. If the species is associated with bark of woody trees, then bark tissues
should be removed from the tree carefully using a knife (Mueller et al. 2004c). It is important to
remove entire specimens from their substrate without damaging the specimen.
2. Suitable containers, Aluminum foil, water-proof paper bags or zip-lock polythene bags
Plastic boxes are better for hyphomycetes, large specimens or specimens with visible fruiting
bodies. Large microfungi such as Xylariales specimens and some basal fungi are mostly stored in
handyman’s boxes with multiple compartments or fisherman’s boxes. Cotton, Tyvek, or paper bags
can be used for small specimens and zip-lock bags are used for soil samples (Wardle & Lavelle
1997). Generally, plastic bags are not recommended to transport or store soft, moisten fungal
specimens, because the fungi deteriorate rapidly due to warm, humid conditions (Satyanarayana et
al. 2019). If the use of plastic bags cannot be avoided, then they should be left open. Air circulation
prevents condensation and growth of superficial molds (Olsson et al. 1996).
3. Liquid nitrogen, ice, Silica gel
Some soil samples need to be preserved at the field to prevent deterioration and DNA of
microfungi in soil samples can be preserved at the field with liquid nitrogen (Graham 2001, Frey2682

Klett et al. 2005). If the distance between the collecting site and laboratory is not very far, then ice
can be used for this. Some specimens are directly sequenced without obtaining a culture and
therefore, specimens are preserved in tubes with dried Silica gel at the field after sanitation and
surface sterilization.
4. Global Positioning System (GPS) recorder and maps
It is important to record accurate latitude, longitude and altitude of the collecting site, as these
data are important during deposition of the material (Fuhrer 2008).
5. Field notebook, pens, tags, plant guides
Collection details such as location, host/substrate, habitat, mode of life, collection date,
collector, collecting number/temporary code are recorded. Plant or animal/insect guides need to
identify the host or substrate (Shepherd & Totterdell 1988). All collecting details are noted on tags
assigned to the specimen.
6. Camera
Photography at the field is necessary to show the natural habitat of the fungi, disease
symptoms and vegetation pattern of the location. Photographs are linked to each specimen by a
unique reference number (Young 2005).
7. Hand lens and gloves
Hand lenses are useful to see the surface view of fruiting bodies at the field or to check
whether samples have fruiting bodies (Leonard 2010). When the collected samples are aquatic or
marine, gloves can be worn to protect hands.
Collection and storage
Collecting fungi is not an easy task. The collected specimens are the representatives of the
taxa. Therefore, over-mature, premature, or badly insect-damaged specimens are avoided because
some characters are lost in damaged specimens (Hyde et al. 2010). Replication is important to
confirm the accuracy of the size, availability and morphology of the fungal structures. In fact, some
journals require more than one specimen and culture collection when describing a new species
(Seifert & Rossman 2010). If the collected specimens are taxonomically novel species, then the
replicate samples may be designated as paratypes or syntypes (Dubois 2010). Duplicates should be
deposited in different fungaria. However, if the material is limited, but taxonomic novelty is clear,
then the author may be able to write a letter to editors and reviewers to confirm its novelty without
depositing to different fungaria (Dubois 2010, Seifert & Rossman 2010).
It is necessary to check the substrate carefully by a hand lens and cut or pick the substrate
with fruiting bodies. If the fruiting bodies are immersed or erumpent in the substrate, it is difficult
to see the fungal structures (Dai et al. 2018). However, some species produce long necks or papilla,
which can be seen by hand lens. For plant pathogenic fungi, diseased samples should be collected
such as leaf spots, rotten fruits or dried plant parts as well as photographed in situ (Hyde et al.
2019). All collected samples should be stored in suitable containers separately with the collection
detail tag. Terrestrial samples can be air-dried to remove any surface moisture before transport or
storage (Stone et al. 2004). However, changes in microfungi probably do not occur immediately
following collection, but changes are rapid in basal fungi and other delicate, fleshy fungi (i.e.
macro-Xylariaceae, some Hypocreaceae, aquatic hyphomycetes). It is essential that samples are
handled carefully and processed as quickly as possible. An archetypal fungarium specimen includes
every part of the fungus to verify the complete morphology (Prance & Fechner 2017). Sometimes,
it is possible to see a number of individual fruiting bodies, which are at different stages of maturity
with both sexual and asexual morphs together (Senanayake et al. 2017a). Generally, it is best if
collecting is carried out in the morning. If samples are collected when the environment is misty,
specimens absorb a lot of moisture thus making them easy to deteriorate (Halling & Mueller 2005).
Data to be recorded in the field
Important morphological, ecological and physiological data need to be noted in the field (as
shown in Fig. 2). Others should be photographed, such as disease symptoms and larger fruiting
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bodies. Macroscopic characters and some measurements need to be recorded from fresh material.
Ecological data including locality, latitude/longitude, habitat, mode of life, disease symptoms, host,
substrate, collector and collection date should be noted on site. The Global Biodiversity
Information Facility (GBIF) which is one of the most functional taxon databases has listed a set of
data that should be collected. However, these do not always apply to fungi and it is important to
refer GBIF (https://www.gbif.org/) when appropriate.

Figure 1 – Field tools generally used to collect the fungal specimens. a Liquid nitrogen. b Forceps.
c Field notebook and pens. d Plant guides. e Aluminum foil. f Water-proof paper bag. g Zip-lock
polythene bags and rubber bands. h Trowel. i Cutter. j Soft paint brush. k Pocket knives. l Metal
snips. m Insect repellent spray. n Camera.
A temporary reference number is assigned for each specimen along with the above details.
Temperature, humidity, GPS data and vegetation pattern are noted, when necessary. All
macroscopic photographs, such as habitat, host, substrate and fruiting bodies in the case of macrofungi should be taken at the field and linked to the temporary reference number (Leonard 2010).
Temporary storage
When specimens reach the laboratory, they are stored temporarily in suitable containers to
prevent deterioration. It is important not to bring specimens directly into the laboratory. Specimens
may have associated insects, mites, nematodes and their eggs (Largent 1986). If specimens are
directly brought to the laboratory, these can easily spread and destroy fruiting bodies and cultures.
Specimens are cleaned carefully to remove soil, plant debris, insects and their eggs by a soft paint
brush (Hosaka & Uno 2011) and they are air-dried if wet. Specimens are stored in paper bags with
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collection details. If specimens are aquatic, then mud and soil can be removed by washing with
water. However, this is not suitable for hyphomycetes and superficial fungi.

Figure 2 – Important details in a model data recording form.
Incubation and succession
Fungal succession has been defined as the sequential occupation of different fungi or
different associations of fungi on the same substrate or site (Rayner & Todd 1979). This happens
because of a sequence of sporulating fungi on a substrate by mycelium. However, replacement of
one fungal species by another is not necessary and some fungi are sporulated together on a
substrate (Hyde & Jones 2002). Sometimes, incubation of fresh specimens is necessary to obtain
maximum fungal diversity, especially rare or slow growing species and it may increase the maturity
and amount of fruiting bodies.
Specimens are subjected to surface sterilization with 70% ethanol, if necessary. Then, a piece
of sterilized, moistened tissue paper or cotton wool is placed in a sterilized plastic box (Hyde &
Jones 2002). Specimens are held on two sterilized glass rods which are placed inside the box
parallel to each other and this is incubated at room temperature with light. Continuous daily
observations can grab the slow growing fungal species (Hyde & Jones 2002). However, the major
problem of incubating specimens in moist chambers is contamination from other fungi or bacteria.
Therefore, it is necessary to avoid contamination and enhance the formation of fruit-bodies of slow
growing fungi. Basic guidelines to avoid contamination are listed below.
1. All containers and tools used for moist chambers should be sterilized and transparent in order to
examine fungal succession clearly.
2. A 12 hour light and 12 hours dark cycle are preferred in order to mimic natural conditions.
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3. Containers are slightly moistened with sterilized water and excess water may form rotting or
deterioration of specimens and fungi, while less water may lead to dryness without fruiting body
formation.
4. Specimens are surface sterilized if necessary, to remove soil, insects and their eggs.
5. Specimens are incubated at temperatures lower than the collection locality. According to our
experiments 18–25°C gives a good yield of fruiting bodies and also less contamination. Air borne,
soil borne fungi and other fast growing fungi on the specimens grow rapidly as the temperature
increases. Therefore, moderately low temperatures facilitate the slow growing fungi.
6. Specimens are examined under aseptic conditions created on sterilized working benches (Fig. 3)
between two flaming lamps. Daily examination yields a large number of species.
2. Morphological observation at the laboratory
Examination of morphology and illustrations of specimens are the key steps of a suitable
protologue. With the improvement of optics technology, there are numerous modern microscopes
with high contrast and magnification (Ahmad & Ahmad Khan 2012). Additionally, various
illustration techniques and software programs provide extra tools for obtaining detailed
descriptions. Herein, conventional procedures, mistakes and suggestions to avoid potential
drawbacks are explained.
Microscope characterization
Microscopy is the key technique to obtain morphological characters and cellular structures
except for some macroscopic characters, which are visible to the unaided eye (Ahmad & Ahmad
Khan 2012). Different microscope techniques interpret characters in different ways. There are
several microscopes available for fungal morphological studies that include classical light
microscopy, electron microscopy, fluorescence microscopy, phase contrast microscopy, confocal
laser scanning microscopy and atomic force microscopy. However, compound light microscopy is
the most common way to use to observe the morphological characters. Microscopes should be
cleaned and maintained on a regular basis. This is important to obtain clear pictures of appropriate
contrast and prevent malfunction.
Pretreatment of fungal specimens
Fungal structures should be optimally mature in order to observe using a microscope. There
should also be sufficient fruiting bodies and/or other structures for examination. If a fungarium or a
dried specimen is very dried, it is necessary to rehydrate before the examination (Senanayake et al.
2018). A small piece is separated from the specimen and rehydrated directly by placing a drop of
sterilized water, potassium hydroxide (KOH), ammonium hydroxide (NH4OH) or covered with
sterile wet tissues (Foster et al. 2011). Since some species chemically react with KOH or NH4OH,
hydrating a tiny piece of the specimen for morphological examination is recommended.
Preparation of fungal structures for microscope examination
External morphological character examination
Fruiting bodies or vegetative structures of the fungi, their niche characters and colony
surfaces at low magnification are essential for a better understanding of the fungi (Gupta et al.
2013). Stereomicroscope is an indispensable instrument used to observe the characters and has a
magnification in the range 10–100 times that of the object. However, hand-lenses are used in the
field to determine the availability of fruiting bodies. External characters of fruiting bodies,
conidiophores, conidial formation and their orientation on the substrate or in culture can also be
examined (Fig. 4). In addition, the position of fruiting bodies on the substrate, symptoms and other
interactions with the niche mycota are examined prior to the internal character examination.

2686

Figure 3 – Aseptic working bench. a (1) 70% alcohol sprays, (2) Tissues, (3) 70% alcohol bottle
for dipping, (4) Needles, (5) Alcohol lamps. (6) Lighters. b, c Surface sterilization of working
bench with 70% alcohol. d Common set-up of materials inside the laminar flow.

Figure 4 – Photographs of fruiting bodies and conidial orientation from stereomicroscope.
a Conidiomata on cultures. b Conidial attachments and orientation of hyphomycetes on cultures.
Sectioning
Vertical or horizontal sections of ascomata or conidiomata give essential taxonomic
information including stromatic characters, shape and size of fruiting bodies, position of fruiting
bodies in host tissues and ostiole or peridium characters (Foster et al. 2011). Sections can also help
to establish the arrangement of paraphyses and pseudo-paraphyses and distinguish cellular pseudoparaphyses from tubular pseudo-paraphyses. We can also see how a species colonizes a substrate,
e.g. foliar epiphytes or tar spots (Foster et al. 2011). Sectioning can be done by free hand or by
freezing microtome. Basic guidelines for both ways of sectioning are discussed. In our experience,
the best sections are freehand although it takes some time to become skillful (Smith et al. 1981).
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Microtome sections are often too thick to establish cell wall structures, even when set at less than
10 µm.
Freehand sectioning
Double or single-edged razor blades, slides, coverslips, sterile water or any mounting reagent,
needles, stereomicroscope and the material needed to be sectioned are prepared for the freehand
sectioning (Fig. 5). Fresh or remoistened specimens are used for sectioning. Material is held
between the thumb and index finger of one hand (Senanayake et al. 2014) and the razor blade
which is held on the other hand is drawn across the material with the edge outward from the
operator. The blade slices the fungal material and this process is repeated several times until a thin
section is obtained (Gupta et al. 2013). A needle dipped in the water is used to pick up the sections
from the specimen directly if the sections do not stick to the needle. All sections are placed in drops
of sterile water or mounting reagent. If the material is too small or delicate, it can be placed in a slit
or pith made of plasticine or blue-tack to hold it firmly. The razor blade becomes blunt after taking
several sections and should be changed often (Mukerji & Manoharachary 2010). There are several
guidelines to obtain good sections.
1. Excess amount of the hydrating agent is blotted by tissues to prevent sticking sections to the
specimen.
2. If the hydrating agent is not water, it is necessary to pre-examine the reaction of these reagents
with a small piece of the specimen. Some reagents chemically react with the stromatic tissues of the
fungi such as stromatic tissues of Cryphonectriaceae species which turn purple-blue when reacting
with KOH.

Figure 5 – Free hand sectioning using a stereomicroscope. a Observation of fruiting bodies with
stereomicroscope for sectioning. b, c Sectioning of fruiting bodies in different substrates (b) A leaf.
(c) A twig.
Microtome sectioning
Microtomy is a technique which provides sections of frozen tissue for microscope
examination and it is commonly used in hospitals for medical mycological studies (Gupta &
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Pandey 2013). A microtome comprises three major parts; the tissue holder, the blade carrier, and
adjustment screws with feed wheels that line up the tissue in the correct position to the blade and
advance the tissue for successive sections (Fig. 6). The stage cabin includes a blade and tissue
holders which freezes to lower than -20°C. The specimen is placed in a drop of solidifying reagent
on the tissue holder and the thickness of sections is set by adjusting the advancement device
(Huhndorf 1991). In most microtomes, sectioning begins by moving the sample over the blade.
Sections are picked from the blade using a fine needle or by a fine paint-brush and it is placed in
cryoprotectant tubes for storage. Alternatively, sections can be placed in a drop of mounting agent
for immediate observation. Below are guidelines for obtaining good sections.
1. An optimal amount of sample is selected and placed in the solidifying fluid perpendicularly to
the blade. If the sample is not placed in the correct plane, then the sections may not show
distinctive characters.
2. A moistened brush is used to pick up the sections from the blade.
3. Sections are immediately placed in a drop of mounting reagent to prevent trapping air bubbles in
the sections.

Figure 6 – Freezing microtome, mechanism and tools needed. a Microtome. b Illustration of the
mechanism. c Specimen holders. d, f Blade box and blades. e Condition adjusting bar. g Brushes.
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Mounting
It is necessary to prepare microscope slides for observing fungi. Clean microscope slides,
coverslips and recently prepared mounting regents are used (Huhndorf 1991). Reagents and stains
are stored in bottles and labeled. Fungal structures are arranged individually using a needle. The
coverslip is placed carefully on the specimen and the excess amount of mounting reagent is blotted
using a tissue paper while gently pressing (Gupta et al. 2013). Pressing is important to arrange
fungal structures on the same plane (Vignesh et al. 2013).
All the morphological structures should be mounted in the same mounting reagent for
photography. The mounting reagent should be mentioned as different mounting reagents have
different contrast and viscosity. Images are very sharp when the refractive index of the mounting
regent is low. Water is the best mounting reagent as it gives more neutral and natural photographs.
Water keeps structures in the same plane in photography. KOH, glycerol and stains are used when
needed. KOH gives more rigidity and it is important to mount in KOH when the specimen is too
dry. However, sometimes KOH reacts with fungal structures, such as stromatic tissues of
Cryphonectriaceae which turn to purple. Glycerol keeps fungal structures without drying for a long
time.
Squash mounts
This is the very basic mounting method for quickly observing taxa or for examining
characters such as the appearance of stromatic tissues, surface view of ascomata, characters of
peridium and papilla, tissues of hamathecium, conidiophores and conidiogenous cells, asci,
ascospores or conidia and conidial ontogeny and vegetative hyphae (Gadoury & MacHardy 1982).
A drop of mounting agent is placed on a clean slide and a few fruiting bodies are placed in a
drop of mounting agent. If the fruiting bodies are large, then they are cut horizontally to obtain the
internal structures. Then fungal mass is picked by a needle or fine forceps (Gadoury & MacHardy
1982). If the fungal specimen is a hyphomycetous taxon, then the moistened needle tip is dragged
over the conidia to retrieve them (Gadoury & MacHardy 1982). If the slide is crowded with fungal
or host plant tissues, then the excess plant or fungal tissues are removed using a needle. There are
several guidelines to obtain good squash mounts:
1. It is important to use a small amount of fungal structures otherwise it will be too crowded for
photography and hard to examine the structures clearly.
2. Add a few drops of 20% alcohol to separate fungal hyphae.
3. If the fungal structures are too dry, then add 10% KOH to make them rigid.
4. The fungal structures may be destroyed if the coverslip squash is too hard.
5. Gently heating can be used to remove air bubbles.
Transparent adhesive tape (Sellotape) mount or tape-lift mounts
This technique results in very little disturbance of fungal structures and is useful for
identification and taxonomic work (Harris 2000). Air bubbles trapped within tissues due to the
insertion of transparent adhesive tape is a disadvantage (Onions et al. 1981) and this affects the
interference patterns during differential interference contrast (DIC) microscopy. Adhesive tapes,
which dissolve in mounting reagent or adhesive tapes, which do not trap the mounting agent within
tissues are available. However, these kinds of tapes are expensive or have weak adhesiveness
(Fairclough et al. 1985).
A piece of transparent adhesive tape (<2 × 2 cm) is gently placed on sporulating species or
culture. The tape is gently pressed until fungal structures stick and the tape is removed using fine
forceps. The tape with the attached fungal structures is placed on a drop of the mounting agent on
the slide and observed with a microscope.
Slide culture mounts
This technique (Fig. 7) allows for observing the mycelia, development of fruiting structures,
spore germination and conidial sporulation and preserving the fungi in a relatively undisturbed state
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(Riddell 1950, Cai et al. 2009). This method allows mycelia to grow and sporulate on the
microscope slide (Liu et al. 2011). The ordinary slide culture mount is performed with a
microscope slide placed on two parallel glass rods in a sterile moisten Petri-dish (Su et al. 2011,
2012). A block of agar is placed on the microscope slide and the fungus is inoculated by a sterile
needle. A sterile coverslip is placed over the agar block and is slightly pressed to ensure adherence.
The apparatus is then incubated at 20–25°C (Rosana et al. 2014). In addition, this mount allows for
storing slides without drying for a long period. Fungal structures embedded in the agar also can be
observed.
Direct culture on slanted agar plate
This method allows growing a fungus on a thin agar slant on a Petri-dish and observing it
directly on the upper side of the plate (Sanders 2012). Approximately, 5 mL of agar is spread on a
sterile Petri-dish (60 × 15 mm) and a slant is made. Otherwise, it may be difficult to observe the
colony, if the medium layer is too thick. The fungus is inoculated onto the plate and fungal growth
can be easily observed (Sanders 2012). Culture media should be colourless, such as water agar or
10% PDA. It may be possible to mix fungal conidia or spores with media before pouring. However,
the media should be at a low temperature. Otherwise, spores or conidia may lose their viability.
Film-culture mount
This method deals with growing a fungus in a thin film (<0.2 mm) of media on a microscope
slide (Hill 1996). In addition, film-culture mounts facilitate sporulation and direct examination of
fungal structures with minimum disturbance (Murray et al. 1995). The thin agar film also limits
excessive mycelial growth, while it often promotes sporulation.
Small glass Petri-dishes (60 × 15 mm), glass rod pieces, microscope slides (46 × 27 mm),
coverslips, syringe, filter papers (55 mm × 15 μm), needle, forceps, sterilized water and culture
media are required. Two small glass rods are placed parallel to each other on a moistened filter
paper placed at the bottom of the Petri-dish. Then, a microscope slide is placed on two glass rods
and this whole apparatus is sterilized. A few drops of culture media are spread on the slide to make
a thin film using a sterile glass spreader and this agar-film is then inoculated with the fungus. The
Petri-dish with the inoculated slide is covered with the lid and incubated at an appropriate
temperature (Fig. 8). When the fungus grows and sporulates on the agar film, the microscope slide
is examined directly or covered with a coverslip.
Broth-culture or cavity mounts method
This is a mounting and culturing method introduced herein and is mainly based on growing a
fungus in a small amount of agar broth in a microscope cavity slide. This simple apparatus
facilitates growth of the fungus with a minimal amount of media, observation directly with
minimum disturbance and saves time.
Small glass Petri-dishes (60 × 15 mm), glass rod pieces, microscope cavity slides (46 × 27
mm), coverslips, a syringe, filter papers (55 × 15 μm), needle, forceps, sterilized water and culture
media broth are required. A filter paper is placed at the bottom of the Petri-dish and two small glass
rods are placed on it. Then, a microscope cavity slide is placed on two glass rods. The apparatus is
sterilized and the filter paper is then moistened with sterile water. A few drops of agar broth are
placed in the cavity slide and are then inoculated with the fungus. The Petri-dish with the
inoculated cavity slide is covered with the lid and incubated at 20–25°C (Fig. 9). When the fungus
grows and sporulates on the agar film, the microscope slide is examined directly or covered with a
coverslip. This method is most suitable for motile spore producing fungi.
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Figure 7 – Apparatus for slide culture method. a Tools. b Sterilized filter paper, sticks and slides.
c Adding sterilized water on filter paper to maintain humidity. d Potato Dextrose Agar (PDA)
blocks on both sides of the slide. e Picking a small amount of mycelia. f Inoculation of PDA
blocks.
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Figure 8 – Tools and process of film-culture mount method. a Materials (1) Pure fungal colony, (2)
Inoculating loop, (3) Microscope slide, (4) Coverslips, (5) 70% alcohol, (6) PDA, (7) Dropper, (8)
Forceps, (9) Nail polish, (10) Sterile distilled water, (11) Alcohol lamp. b Microscope slide
sterilized in 70% alcohol. c, d Sealing the coverslips using nail polish. e Placing a drop of PDA
between the coverslips. f Transfering of mycelia or spore using wetted inoculating loop into the
PDA drop. g Spreading the mycelia or spores. h Placing coverslip. i Incubation the Petri-dish.
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Figure 9 – Apparatus of broth-culture method. a Materials (1) Alcohol lamp, (2) Cavity slides, (3)
PDA broth, (4) Nail polish, (5) Coverslips, (6) Pasteur pipette with dropper, (7) Inoculating loop.
b Placing a drop of PDA broth on a microscope cavity slide (arrow). c Inoculating the drop of PDA
broth. d, e Microscope cavity slide and enclosed with a coverslip. f Incubation.
Staining
Microscope slides can be stained when necessary. Staining helps to obtain more contrast and
sharper structures (Adds et al. 1999, Karp 2009). Lacto-phenol cotton blue is best to stain fungal
structures. However, once tissues are left in the stain for a few minutes, then excess stain is washed
away by a drop of ammonium hydroxide or distilled water (Santana et al. 2018). These reagents are
applied to one side of the coverslip and a tissue paper is placed on the opposite side to absorb this
ammonium hydroxide or distilled water (Isenberg 2007). However, it is important to avoid moving
the coverslip to prevent physical damage to the fungal structures. There are many stains used for
specific reactions (Smith 2019). Commonly used chemical reagents and their reactions on different
fungal structures are listed below (Table 1).
Preparation of permanent microscope slides
Some slides with the fungal structures represent the type specimens of the species and
therefore, sometimes microscope slides can be kept for a long time (Foster et al. 2011). Kohlmeyer
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& Kohlmeyer (1972) proposed a simple method to make permanent microscope slides for fungi.
There are several steps in this process such as fixation, dehydrating, clearing and mounting.
Table 1 Common chemical reagents used in fungal taxonomy and their reactions.
Stain/reagent
Water
KOH (3%)
KOH (10%)

Fungal structure
Any fungal structures
Any fungal structures
Stromatic tissues (e.g. Hypocreaceae,
Cryphonectriaceae)
Fungal cell wall
Cyanophilic spores

Reaction
Rehydrate the structures
Rehydrate the structures
Turn to purple

Congo red
India ink

Amyloid spores or hyphae
Pseudoamyloid spores or hyphae
Inamyloid spores or hyphae
Hyphal wall and cytoplasm content
Spore sheath

Lactoglycerol

Any fungal structures

Schultze’s reagent
Baral’s regent
Aniline blue

Amyloid spores or hyphae
Amyloid spores or hyphae
Endophytic hyphae in the meristem

Stain blue to black
brown to reddish brown
Faintly yellow
Stain reddish pink
Sheath remains white, background stains
black
Remove excess stains
Provide a clear mounting medium
Stain blue to black
Stain blue
Stain blue

NaOH (10%)
Lacto-phenol cotton
blue
Melzer’s reagent

React with Chitin and give clearer structures
Spore walls stain blue

Live fungal tissues are killed rapidly by precipitating the proteins during the fixation (Glime
& Wagner 2017). The most commonly used fixatives are 70% alcohol, Bouin’s fluid and formalin.
Dehydration helps to remove the excess water and allows complete infiltration of tissues with the
sealing agent. The dehydrogenase enzyme has been used in Kohlmeyer & Kohlmeyer (1972). If the
slide does not dehydrate properly, then tissues appear as an opaque mass. However, rapid
dehydration may distort and shrink the tissues and therefore, gradual dehydration is recommended
(Glime & Wagner 2017). Clearing is the next step, which helps to remove all the traces and
enhance the infiltration of the tissues with a mounting agent. Xylene is the commonly used clearing
agent (Connell & Padgett 1988). Then, a few drops of mounting agent such as glycerin are placed
on the specimen and a clean coverslip is slowly placed on the mounted specimen. The slide is
examined using a compound microscope to confirm whether all the characters are nicely preserved
or not. Then, the coverslip is gently pressed to remove excess glycerin and a tissue paper is used to
blot them. Finally, all the edges are sealed with a colourless nail polish (Kohlmeyer & Kohlmeyer
1972). Once the process is complete, the slides are thoroughly dried and stored in a slide storage
box with the dry, low humid condition.
The double-coverslip method is another permanent slide preparation technique which was
originally introduced by Diehl (1929). This method has been used for preserving voucher
specimens and type material where slides are needed. Daghighi et al. (2016) has proposed a method
for permanent slide preparation of soil fungi.
Photography, arranging photomicrographs and illustrations
Photography is very important for morphological characterization. It is essential to obtain
high-quality digital images and the quality of photographs depends on the microscope, camera and
operator (Braddock 2000). A poorly configured microscope produces substandard images, even
when the digital or conventional cameras are excellent. Besides, some imperfections that are not
immediately visible when looking through the microscope eye-piece, can be revealed by the digital
imaging system (Delly 1988). Both line drawings and photomicrographs are used to illustrate the
fungi. Hooke (1665) published the first known illustration of fungi (Fig. 10).
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Figure 10 – The very first micrograph of fungi: “Blue mold and its vegetative parts arising from
putrefaction” (Photograph referred from Hooke 1665, page 121).
A digital illustration method for microfungi has been proposed by Barber & Keane (2007)
and the original scanned images are used as basic electronic shapes which can be processed into
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complete figures later. Almeida & Gusmao (2015) have presented a further modified version of this
method. Original figures and illustrations are sometimes redrawn by tracing over the viewed image
onto a paper (Senanayake et al. 2018). Additional stippling of the characters such as the
pigmentation, shape, and ornamentation are added (Wijayawardene et al. 2016) and the scanned
images are then edited and combined to make photoplates.
Photomicrography is the most commonly used descriptive illustrating method. This is mainly
based on photographs taken in the field, photographs were taken using a stereomicroscope,
compound or higher resolution microscope and photographs taken using a digital camera together
with line-drawings (Silverman 1987). Several software programs can be used for
photomicrography, such as Adobe Creative Cloud (Adobe Systems, USA), Adobe Illustrator
(Adobe Systems, USA), Adobe InDesign (Adobe Systems, USA), Adobe Photoshop (Adobe
Systems, USA) and Corel Draw (Corel, Canada). These software programs give various tools to
enhance picture quality and show the characters clearly (Mancini & Sidoriak 2017).
However, it is important to take several good photographs of the same character and select
the best shot. It is not recommended to edit them too much using software programs. These
software programs help to arrange and scale the pictures as well. Both film and digital methods can
be used to obtain photomicrographs. However, film photomicrography is not being used at present
since digital imaging has been developed in the last few decades allowing images to be easily
manipulated. Digital images are easily incorporated into other digital documents and can be
exported to image analyses systems (Papagianni 2014) or posted on a website. They are also easy
to copy, store and archive. Digital images are easy to annotate with appropriate software programs
for presentations or archives (Barry & Williams 2010).
Digital images are used to obtain qualitative and quantitative taxonomic information from
fungi (Adams & Thomas 1988). There are several additional software programs that can be used
for the photomicrographs preparation such as Adobe Creative Cloud (Adobe Systems, USA),
Adobe Illustrator (Adobe Systems, USA), Adobe InDesign (Adobe Systems, USA) and Adobe
Photoshop (Adobe Systems, USA). All the mentioned software programs can help to arrange and
scale photographs.
What should be in a decent illustration or photomicrograph?
Illustrations are part of the final output of different morphological structures to be used in the
publication. Therefore, the inclusion of complete details in an illustration is necessary (Fig. 11).
Below are guidelines to make a decent illustration:
1. It is better for both illustration and legend to be arranged on a single page. Therefore, it is
necessary to fix the size of the illustration or photomicrograph first and then arrange the images as
necessary. Generally, A4 is the most commonly used size in scientific publications (Fig. 11).
2. Photographs included in the illustration are selected first and they are edited as necessary.
Photographs are arranged on the plate filling the space. There are a few aspects that one needs to
bear in mind. Photographs are arranged in order from habitat or ecological characters, the external
appearance of fruiting bodies, internal characters of fruiting bodies and colony characters. It is not
recommended to enlarge photographs to fill the space. All the photographs of one morphological
character should be the same magnification.
3. Clear photographs should be taken first and then software programs used to edit them. However,
almost all the photographs in the plate should be in the same background colour and background
colour should not be shiny and overshadow the fungal characters.
4. Morphological characters should not be excessively edited, especially colour and size. All
editing software programs are facilitated for deleting, copying and pasting and those options are
used to change the original photo. However, in scientific illustrations, natural characters and
structures should not be changed too much as this may eliminate or hide important taxonomic
characters (Fig. 11).
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5. Scale bars should be in the same width and all the labels should be in the same font size and
style. Label and scale bars should be located at the same level of height of the photo.
6. The frame of all photographs should be of the same width.
7. Colony morphology should be compared when grown in the same culture media, same maturity
and same incubation condition. Fungal colonies are morphologically different when grown in
different culture media. Incubation conditions also affect the colony characters. Therefore,
photographs of colonies should be taken when grown in the same medium for comparative
purposes.
8. The measurements of morphological characters were obtained manually with a calibrated, low
magnified microscope in early studies and the accuracy of those measurements is low. Currently,
measurements are taken using the digital software and they are more accurate. There may be a
variation in measurements of new collections and original Protologues of the same species. These
variations cause errors on small measurements such as conidial size or spore length. Therefore, if
original descriptions are incomplete, it is advisable to loan and examine the authentic specimens
and obtain the measurements to compare the morphological characters with new collections.
9. The morphological structures examined from the specimens should always be compared with the
morphological structures derived from the specimens, not from the cultures because the colour and
size of the morphological structures derived from specimens may differ from those derived from
their cultures. Therefore, it should be clearly stated whether morphological descriptions are
obtained either from specimens or cultures.
10. The sample size is really important when calculating the mean of small values such as spores or
conidia, asci, conidiogenous cells and conidiophores. However, there is no fixed sample size for
morphological characters and the range of sample size varies from 10 to 50 in most studies. Based
on the literature survey and statistical analyses in this study (not shown here), the minimum sample
size is determined.
According to the statistical analyses here, there are no significant difference between the mean
values (x̅), if the difference between minimum and maximum length is lower than 10 μm (when n =
50 values). Ex: Ascospore length of Diatrype sp.; 6.4–11.5 μm (x̅ = 8.7 μm, n = 30)
Measurementmax – Measurementmin ≤ 10 μm; then Sample size ≤ 50.
However, if the difference between the minimum and the maximum length of a character is higher
than 10 μm (between 50 values), then there is a significant difference between mean values (x̅). So
that means the character shows a wide range of variation and more than 50 measurements should be
considered to get an accurate value.If there are deviated measurements, then it is necessary to
mention the minimum and maximum values of the range in brackets.
Measurementmax˗Measurementmin ≥ 10 μm; then Sample size ≥ 50.
Ex: Ascospore length of Neomicrosphaeropsis alhagi-pseudalhagi; (28.5)30.2–45.3(48.7) μm (x̅ =
38.0 μm, n = 50).
3. Isolation of fungi
Isolation means obtaining a genetically pure entity from a sexual or asexual morph of one or
a mixture of fungi and pure cultures are elemental for any fungal experiment (Mueller et al. 2004a,
Noman et al. 2018, Senanayake et al. 2020). Isolation is essential for many reasons. Cultures can
provide important morphological characters useful for identification purposes as well as the starting
material for DNA extraction useful for molecular studies. Ex-type cultures represent the taxon
(Gams 2015). Cultures are one of the major sources to study and understand the biology of a
species. Extracted DNA is used to obtain sequence data from a few genes, whole genomes, to
transcriptomes under different conditions (Zeng et al. 2019). In addition, some taxa produce
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secondary metabolites that can be extracted from cultures (Strobel et al. 1996, Choi et al. 1999) and
these are used as biocontrols, biopesticides, nematicides and enzymes (Chandler et al. 2011).
However, contamination of cultures by other fungi can affect the final product on an industrial
scale (Noman et al. 2018). Inbreeding, + and – hyphae of isolates are used in mating studies. These
breeding cultures are used in mushroom production, biomedicine and also for fungal inoculum
production in agriculture (Chandler et al. 2011).

Figure 11 – A model illustration. 1 Collection details (e.g locality and host). 2 Appearance of
fungus on substrate (disease symptoms, fruiting body arrangement and visual characters before
dissecting). 3 Vertical or horizontal sectioning through the ostiole demonstrating periphyses, ostiole
tissues and peridium characters (stromatic characters and chemical reactions of stromata if
available). 4 Hamathecium tissues such as paraphyses, pseudoparaphyses, and cellular mass. 5 Asci
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arranged from immature to mature, natural to stained. 6 Ascospores arranged according to maturity
and natural to stained; demonstrating sheath, appendages, globules, septa. 7 Pure culture to show
colony characters. 8 Conidiation on cultures. 9 Conidiophores, conidiogenous cells and conidia.
Isolation of taxa from hosts or substrates and obtaining pure cultures has always been
challenging (Goh 1999). Most mycologists consider that a pure culture should be obtained from a
single germinated spore (Kirsop & Doyle 1991, Goh 1999). Thus, single spore isolation is
commonly used for obtaining pure cultures (Goh 1999). To establish relationships between sexual
and asexual morphs, it is better to obtain isolates from single spores (Choi et al. 1999, Goh 1999,
Chomnunti et al. 2011, Noman et al. 2018) in order to confirm that they are the same fungus.
Isolation methods should be simple, inexpensive and effective (Choi et al. 1999). Some
species produce numerous fruiting bodies, others produce only a few (Goh 1999) or sometimes
fruiting bodies are not fully matured to enable identification. Collection of mature fruiting bodies or
an adequate number of spores is needed (Goh 1999). Conidia of contaminants on the specimens can
be transferred along with conidia or spores (Bernadovičová & Ivanová 2011). If the species is slow
growing, then bacterial or fungal contaminants may overgrow them and may result in identifying
the wrong species (Smith 1969, Goh 1999). Some bacteria can inhibit growth even if the culture is
prepared in antibiotic incorporated media (Smith 1969, Goh 1999).
Since not all spores germinate in artificial media, the development of other techniques has
been necessary (Choi et al. 1999). In addition to single spore isolation, multiple spores or spores
attached to the fruit body walls are isolated to obtain cultures. Some taxa need specific culture
media to maintain their metabolic activities (Smith & Onions 1994, Leyronas et al. 2012). Fungal
mycelia obtained in pure culture are also essential for physiological and chemical profiling of the
strain of interest (Noman et al. 2018).
If the isolated taxon is contaminated with other fungi or bacteria, then purification is required
to obtain a pure culture. Techniques including hyphae tip culture (Fig. 12) or single colony
subculture into new media (Choi et al. 1999, Noman et al. 2018). Hyphae tipping can be used when
the growth rate of the taxon is greater than the contaminant (Choi et al. 1999, Goh 1999,
Rangaswami & Mahadevan 2006). For some taxa that cannot grow in artificial media, it is
recommended to extract DNA directly from fruiting bodies as prescribed by Zeng et al. (2018).
Goh (1999) proposed the hand-made glass needle technique to purify the spores before isolation.
Herein, the spores are rolled by the dragging movement on the agar surface and contaminants on
the surface of the spore are removed by repeating rolling.

Figure 12 – Culture purification methods (Redrawn from Rangaswami & Mahadevan 2006).
a Single hyphal tip culture method. b Single colony subculture method.
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Culture media
Culture media generally contains a high percentage of carbohydrates and nitrogen (at a pH
range of 5–6), which facilitates growth. Incubation normally ranges from 15–37oC (Basu et al.
2015). Natural and synthetic media are the two general types of media. Natural media are made
from herbaceous or woody stems, seeds, leaves, cornmeal, wheat germ, oatmeal and starchy
substrates (Collins et al. 2005). The composition of natural media is undetermined and corn meal
agar, potato dextrose agar, V8 juice agar, dung agar are just a few examples of natural media (Fig.
13). The composition of ingredients in synthetic media such as carbohydrates, nitrogen and
vitamins is quantified (Basu et al. 2015).

Figure 13 – Important information on culture media labels. a Name of the media. b Concentration
to prepare. c Production and expiry date. d Composition. e Producer and distributor.
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Different media are used for different fungal groups and the selection of media depends on
the group being studied (Basu et al. 2015). Generally, spore suspensions are used for isolation and
may contain different spores. Therefore, spores are carefully examined under a stereomicroscope
and germinating spores are transferred to new media just after the formation of germ tubes (Basu et
al. 2015). Nutrients deficient medium such as water agar is suitable for this. If nutrient rich media
are used for isolation, then contaminant spores may germinate faster than targeted species (Su et al.
2012).
Generally, nutrient-rich media with a low percentage of agar are used for subculturing. This
releases nutrients easily and retains moisture in the media (Braun et al. 2011). Cornmeal agar,
czapek yeast autolysate agar, malt dextrose agar, malt extract agar, potato carrot agar, potato
dextrose agar, potato sucrose agar, V8 vegetable juice agar, yeast extract-phosphate medium, are
the commonly used media which facilitate colony formation (Su et al. 2012).
Fungal sporulation usually occurs under unfavorable growth conditions (Dahlberg & Etten 1982).
Many taxa need nutritional elements such as carbon, nitrogen and microelements for their growth
(Timnick et al. 1951), while some taxa have specific carbon and nitrogen requirements (Engelkes et
al. 1997, Gao et al. 2007). However, most of the commonly used media provide favorable growth
conditions for most taxa (Su et al. 2012) but are frequently less successful in inducing sporulation
(Guo & Michaelides 1998, Li et al. 2007). Starvation or nutritional depletion often stimulates
sporulation and therefore, artificial media with low nutrient content, such as water agar, half- or
1/4-strength PDA and synthetic nutrient-poor agar induce sporulation (Nirenberg 1976, Masangkay
et al. 2000, Wulandari et al. 2009, Braun et al. 2011).
Mycelia are grown on a thin layer of media to store the cultures. Metabolic activities of the
mycelia are deactivated by storage in the low temperature or in oxygen-free oil. Therefore, general
media such as cornmeal agar, malt dextrose agar, malt extract agar, potato dextrose agar, potato
sucrose agar and V8 vegetable juice agar are used for this. Conventional media are often
unsuccessful for culturing extremophiles under high or low temperature, pressure and pH
conditions (Tsudome et al. 2009). Thermophilic taxa cannot be cultured on cellulose and agar
plates, as those media are liquefied above 70°C for extended periods of time (Tsudome et al. 2009).
Porous solid plates made of nanofibrous cellulose have been developed and these plates can
withstand temperatures of up to 260°C at 25 MPa (Tsudome et al. 2009). Porous solid plates
support the growth of a wide range of extremophiles including acidophiles, alkaliphiles,
thermophiles, acidothermophiles and alkalithermophiles under extreme physiochemical conditions
(Basu et al. 2015).
Preparation of media, apparatus and aseptic conditions
A sterile work environment is essential for the isolation of fungi. Appropriate preparation and
sterilization of both media and apparatus are very important for the successful isolation of targeted
species and avoid contaminants (Basu et al. 2015). Suitable solid media is prepared using distilled
water mixed with the appropriate amount of selected powdered agar. Powdered agar is now
commercially available or can be prepared according to the manufacturer’s protocols (Crous et al.
2009b). The powdered media mixed with the water is then heated in a microwave oven until all the
agar dissolves and a clear solution is obtained (Gao et al. 2007). The medium is then sterilized in
appropriate media bottles using an autoclave set at 121°C for 20 minutes or as specified otherwise.
The media is allowed to cool and antibiotics are added if necessary, to suppress the growth of
bacterial contaminants. Medium is then poured into Petri-dishes in a laminar flow cabinet and the
latter should be disinfected and cleaned before hand (Fig. 14).
All tools used for the isolation are autoclaved or flame-sterilized. Plastic Petri-dishes are
sterile and do not require further treatment. Glass Petri-dishes are sterilized in a hot air oven at
160°C for 4 hours (Longcore et al. 1995). Since pouring of media should be conducted in a sterile
environment, the UV-lamp in the laminar flow cabinet should be switched on for at least 20
minutes to sterilize the interior of the hood (Crous et al. 2009b). Subsequently, the floor of the
laminar flow cabinet is cleaned with 70% alcohol (Longcore et al. 1995). Pouring of a medium into
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plates, culture, subculture or other inoculations should be carried out near the alcohol lamp to keep
contamination at minimum.

Figure 14 – Materials and tools needed for media preparation. a Materials used to prepare media
(1) Media bottle, (2) Spatula in a beaker, (3) Graduated cylinder. b Precision balance. c Distilled
water in polyethylene containers.
Preparation of specimens for isolation
Surface sterilization of specimen
Bacteria, other fungi, insect eggs, soil and other debris are often associated with specimens,
and all may cause problems during isolation (Ataides et al. 2018). Therefore, it is necessary to
clean the specimens as much as possible (Jan et al. 2013). Surface sterilization involves treating the
material with a strong oxidant (hydrogen peroxide, Ozone, Chloride) or disinfectant (70% alcohol,
UV radiation) for a short period carried out carefully. Surface sterilization is carefully applied in
the case of superficial species and hyphomycetes. Procedures outlined by Stone et al. (2004) can be
followed for isolating endophytes.
Surface sterilization is important to isolate endophytic fungi. Plant samples are rinsed using
running tap water for around 15 minutes and then washed with surfactants for one minute.
Surfactants commonly used in endophytic studies such as Tween 20, Tween 80, or Triton X-100,
N-Dodecyl-Beta-D-Maltoside (DDM) and Digitonin (Gan et al. 2017, Mucciarelli et al. 2002,
Adnan et al. 2018). The plant tissues are washed repeatedly with sterile water after each treatment
(Bamisile et al. 2019, Xia et al. 2019). Samples are then washed with sterilizing agents such as 1–
5% Sodium hypochlorite for 2–10 minutes (Gardner & Szabo 1982, Weber et al. 1999), 70–95%
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ethanol for 0.5–4 minutes (Dong et al. 1994), Hydrogen peroxide (McInroy & Kloepper 1995,
Dastogeer et al. 2018) and Mercuric chloride 0.05–0.2% for 2–5 minutes (Ahmed et al. 2012,
Zhong et al. 2017, Rather et al. 2018). Rose Bengal or aniline blue is used to stain endophytic
fungi. Different treatment durations and combinations can be used depending on the study or plant
tissue of interest.
Isolation methods for basal fungi
Basal fungi produce both motile and non-motile sporangiospores (Longcore et al. 1995) and
among them, members of Aphelidiomycota, Blastocladiomycota, Chytridiomycota,
Monoblepharomycota, Neocallimastigomycota, Olpidiomycota and Rozellomycota produce motile
spores (Powell 2017, Hurdeal et al. 2020). These organisms require different isolation techniques
depending on the purpose of isolation, habitats, mode of life, sample types, propagule sizes and
fungal density in the sample (Longcore et al. 1995). For example, obligate biotrophs require a host
culture, while baiting is required to isolate the zoospores of saprobes (Powell 2017). Different
methods are reviewed here that have been used by various researchers for the isolation of basal
fungi. The diversity of fungi is affected by environmental factors, nutrient composition of culture
media and isolation methods (Longcore et al. 1995).
Specific culture media are needed to isolate basal fungi because of their particular chemical
composition and nutritional modes. Some media are suitable for a particular basal group, while
others may be unsatisfactory (Benny 2008). Members of Chytridiomycota are saprobes or parasites
in or on organisms (Ogawa et al. 2001, Hurdeal et al. 2020). Niches of Chytrids are pollen grains,
insect exoskeletons, protists and small invertebrates, amphibian skin, other fungi, pieces of plants,
fruits, and water-logged twigs (Boyle et al. 2003). These substrates are therefore used as baits to
trap chytrids. The commonly used media for isolation and growth of Chytridiomycota are
peptonized milk-tryptone glucose (PmTG), yeast phosphate soluble starch (YpSs), Archimycete
agar (ARCH), and cornmeal agar (CMA) (Emerson 1958, Barr 1986, Longcore et al. 1995, 1999,
Crous et al. 2009a).
Most species of Mucoromycota and Kickxellomycota can be isolated in pure culture on
laboratory culture media, such as malt extract agar, malt-yeast agar, oatmeal agar, potato dextrose
agar and Sabouraud dextrose agar (Bärtschi et al. 1991, Strauss et al. 2000, Benny 2008, Chuang et
al. 2017). Neocallimastigomycota colonizes the rumen of herbivores. They are generally grown in
small batch cultures without agitation on soluble or insoluble carbon sources with 100% C or 70%
C: 30% N2. The culture media for rumen anaerobic fungi are complex, non-defined media (pH 6.5–
6.8) and contain up to 15% (v/v) clarified rumen fluid (Davies et al. 1993).
Baiting of motile sporangiospores of basal fungi
Baits are commonly used to attract zoospores of basal fungi, especially members of
Chytridiomycota and Blastocladiomycota from soil and water samples. Commonly used baits are
chitin, purified shrimp exoskeleton, pollen grains, snake skin, and cellulosic substrates such as
cellophane, onion skin, lens paper (Barr 1987). It is advisable that baits are sterilized under UV
light before use (Jerônimo et al. 2019). Baiting techniques result in pure cultures from motile
sporangiospores of basal fungi and several species of chytrids such as Boothiomyces
macroporosum, Chytriomyces hyalinus and Rhizoclosmatium globosum have successfully been
isolated using this technique from soil and water (Karling 1977, Kinsey et al. 1999, MozleyStandridge et al. 2009).
Materials required – Petri-dish, pipette with bulbs, baits, sterile distilled water, compound
microscope, sterile needle, parafilm, antibacterial added culture media, stereo-microscope,
micropipette, funnel, filter papers (same size with Petri-dish), glass spreader.
Methodology – If the samples are soil or any organic material, then 1–2 g of the sample is
added to a sterilized Petri-dish along with the selected bait. Additional amounts may cause
excessive bacterial growth. Sterile distilled water is then added to the Petri-dish (Karling 1977).
The plates are then incubated at 25°C. Periodically, the baits are observed to determine the
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presence of sporangia using a compound or dissecting microscope. Once sporangia can be seen on
baits, the zoospores can be isolated to obtain an axenic culture (Letcher et al. 2014).
If the samples are water, then water samples are passed through a sterilized filter paper placed
in a funnel and then, filter papers are incubated directly on the media. It may be necessary to
concentrate samples by centrifugation (Mozley-Standridge et al. 2009). Sample enrichment is
carried out by adding the sample to sterile nutrient broth in shake flasks at 12°C for 72 hours or
22°C for 48 hours. 1 mL of sub-samples is then plated on the media and plates are examined
occasionally for the appearance of fungal colonies (Jerônimo et al. 2019).
Cavity slide method for isolating motile sporangiospores of basal fungi
This method is used to isolate mature sporangia from a natural substrate or bait before it is
covered by undesirable microorganisms. The concept is to allow the release of spores in a
determined place for isolation (Mozley-Standridge et al. 2009).
Materials required – fine isolation needles, forceps, micro-scissors, microscopic slides, slide
coverslips, cavity slides, Petri-dish damp chamber, alcohol lamps, marker pens, antibacterial added
agar plates, parafilm, sterile distilled water, glass spreader, stereomicroscope, compound
microscope.
Methodology – A part of the bait bearing the most sporangia is transferred to the cavity of a
cavity slide with few drops of sterile water. Another sterilized, inverted cavity slide is placed on top
of the first cavity slide with the specimen. This avoids the evaporation of water. The cavity slides
are placed in a damp chamber on a triangle of bent glass in a Petri-dish. Few drops of water are
placed in the Petri-dish to maintain moisture. A compound microscope is used to observe the cavity
slide for the release of zoospores from the mature sporangia. Once zoospores are released and
swimming in the water, they are transferred to the 50 µL of sterile water. Several drops of this
spore suspension are pipetted onto the agar plates containing antibiotics and marked where the
suspension drop using a marker pen (Mozley-Standridge et al. 2009).
Sporangia isolation method
This is the method to isolate zoospores, by which the sporangium/sporangia are directly
isolated before they release the zoospores (Powell 2017, Jerônimo et al. 2019).
Materials required – agar plates, sterile needles, parafilm, sterile pipettes, microscope.
Methodology – A single sporangium is picked using a pipette or needles from the baits and is
transferred directly onto any agar media. A sterile loop needle is used to drag the sporangium
through the agar to remove any contamination and the sporangium is then transferred to a fresh
agar plate and sealed with parafilm. When the sporangium releases the zoospores, those can be
further isolated by transferring them onto fresh media.
Co-culture method
This method is used to isolate the obligate biotrophic basal fungi Aphelidiomycota,
Rozellomycota and some members of Chytridiomycota (Jerônimo et al. 2019). Co-culture or mixed
cultures involve the growth of two different microorganisms together. This culturing technique
allows synergistic or antagonistic interactions and for basal fungi, co-culture refers to the growth of
the fungi with the host organisms (Boyle et al. 2003, Carter & Shieh 2015).
Materials required – host culture, micropipette, filters, media, gauze, pipettes, microscopic
slides, compound microscope
Methodology – Water samples are mounted on a microscope slide and examined using a
compound microscope for any symptoms of infection of algae, diatoms, dinoflagellates and other
planktonic microorganisms. If the above microorganisms are available, then microorganisms with
the fungal sporangia are transferred to either solid or liquid media using micropipettes. Usually, F/2
liquid medium or mineral medium are used. If the host culture is available, then the host is
cultivated in the media first. The isolated fungi are then transferred to the host organism using
pipettes. The host is cultivated with the fungi until the maximum infection is observed (Garvetto et
2705

al. 2019). The fungus is then harvested and obtained in cultures (Karpov et al. 2017). Alternatively,
water samples can be filtered through gauze and the filtrate can then be inoculated with host culture
in nutrient media such as F/2 liquid medium and N1 medium (Karpov et al. 2016).
Hungate roll tube/ Serum roll bottle technique for isolation of anaerobic fungi
This technique was devised for the cultivation of anaerobic microorganisms
(Neocallimastigomycota) and originally described by Hungate (1969). Several variations exist for
the roll tube method, whereby the serum roll bottle technique is one of the most widely used (Miller
& Wolin 1974). The technique is widely used for acquiring pure cultures of anaerobic fungi. These
fungi inhabit the guts of ruminants. In the roll tube method, anaerobic agar medium is distributed
on the internal surface of a test-tube under anaerobic conditions (Hungate 1969).
Materials required – Glass serum tubes, glass test tubes, culture media, Balch stopper,
aluminum seals for them, micropipette and tips, loops and needles, anaerobic chamber, heater,
gassing probe, antibacterial added media plates, anoxic gas mixture, incubator, antibiotics and
microscope.
Methodology – Immediately collected fresh samples, such as fecal matter or rumen digesta
from herbivores are homogenized, and dilutions are made from 10-1 to 10-6 using an anaerobic
diluent or rumen-fluid cellobiose (RFC) media (McSweeney et al. 2005, Calkins et al. 2016).
Culture media are heated to boiling point while eliminating dissolved oxygen by a gassing
probe with high-grade CO2, N2, or mixtures of 80% N2 and 20% CO2 (N2: CO2) or 80% H2 and
20% CO2 (H2: CO2). An anoxic gas mixture filled plastic syringe (10 mL) is used to flush the
anoxic gas into the media and take out culture media under an O2 free condition (Wolfe 2011).
During the whole procedure, anoxic gas should pass through the gassing probe to maintain
anaerobic conditions. Then 10 mL of culture media is transferred to the Hungate sealing tube filled
with anoxic gas in an anaerobic chamber. This tube is sealed with a Balch stopper and crimped an
aluminum seal (Olson 1992, Metcalf et al. 1998).
After sealing the tubes, they are opened in an anaerobic chamber when required. The
inoculum is added to the glass serum tube containing culture medium supplemented with
antibiotics and tube is sealed with a Balch stopper and crimped with an aluminum seal. Then tubes
are shaken and rolled on the bench surface to slowly solidify the media and this increases the
surface area for fungal growth. The roll tubes are incubated at 39°C for 2–3 weeks, whereby fungal
growth is monitored regularly using a microscope. When distinct colonies form, they are picked
aseptically under anaerobic conditions and transferred to a fresh liquid culture medium.
Subsequently, the roll tube method is repeated several times until a pure culture is obtained (Hanafy
et al. 2018, Joshi et al. 2018).
For isolation of anaerobic fungi from saliva samples, roll tubes containing 2 mL molten
defined medium B with 1.8% (w/v) agar and either 25 mM-glucose or 1% (w/v) cellulose agar
supplemented with antibiotics are prepared and then inoculated with 0.1 mL saliva. The tubes are
incubated at 39°C for 3 days and examined for colonies using a stereo-microscope (Lowe et al.
1987).
For the isolation of anaerobic fungi from the rumen, samples of rumen liquor are flushed with
O2-free CO2 for a minute and diluted (10-1 dilution) in an anaerobic diluent containing 2% (v/v)
antibiotic stock solution of Benzylpenicillin, Streptomycin sulfate, and Chloramphenicol (each 5
mg/mL) (McSweeney et al. 2005). Roll tubes are then prepared with antibiotics by injecting 0.5 mL
of a 10-1 dilution into 50 mL serum bottles containing 5 mL cellobiose agar medium (Miller &
Wolin 1974). Joshi et al. (2018) proposed that, samples of rumen digesta are pooled and
homogenized for 10 minutes under a gas phase of CO2 before preparing dilutions (up to 10-4) in the
anaerobic diluents.
For the isolation of anaerobic fungi from soil, a serial dilution is performed on 1 g of soil
samples using 10 mL of 0.03% cysteine hydrochloride solution (pH 7.0) and the 10-1 to 10-3
dilution series are done. A diluted sample (1 mL of 10-3) is transferred to a solidified agar medium
on roll tubes and then tubes are sealed under an oxygen free condition. Tubes are incubated at 25°C
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in a vertical position (Hungate 1969, Tonouchi 2009). Fungal colonies are transferred to the same
anaerobic fresh agar slant and incubated at 25°C, then transferred to PDA plates and incubated at
25°C under anaerobic conditions.
Dilution plating method for non-motile sporangiospores producing basal fungi
The dilution plating method can be used for isolation of basal fungal groups, such as
Mucoromycota and Mortierellomycota from the soil and fecal samples of animals. The dilution
method entails a serial dilution of samples. Apophysomyces thailandensis, a new species of basal
fungus from soil was isolated using the dilution plating method (Khuna et al. 2019). Mostly,
selective media are used for the isolation of mucoralean fungi (Strauss et al. 2000). Bärtschi et al.
(1991) recommended malt yeast agar supplemented with an antibacterial for the isolation of Mucor
species. Tansey (1984) isolated thermophilic and thermotolerant mucoralean fungi from numerous
materials using selective media and incubated samples at 45°C (Fig. 15).
Materials required – culture media plates, glass spreader, parafilm, a sieve set, electric
balance, measuring cylinders, sterile distilled water, test tubes, flasks and lids, shaker, incubator.
Methodology – Soil samples are sieved through a 2 mm sieve. Then a series of dilutions is
performed using 1 g of soil is added to 10 mL of distilled sterile water or 5% NaCl. The mixture is
then shaken for around one to two hours with 100–200 rpm. Then, 0.1 mL of this suspension is
plated on an agar plate and is spread using a sterile glass spreader. Subsequently, the agar plate is
sealed and incubated. The plates are periodically observed and when fungal colonies are seen, they
are transferred to a fresh agar plate (De Souza et al. 2018, Nguyen et al. 2016, 2018).

Figure 15 – Dilution plating method. a Weight the soil. b Dilute with sterile distilled water. c Put
the flasks containing the mixture in an incubator shaker at 180 to 200 rpm. d Materials needed to
inoculate an agar plate with the soil suspension. e-f Transfer the suspension to a fresh agar plate
using a sterile tip. g Flame sterile a glass spreader. h Spread the soil suspension using the sterile and
cooled spreader. i-j seal the plate and incubate the agar plates. k Materials needed to transfer
colonies from inoculated plate to fresh media. l Use a sterile straw to cut the mycelia tip and the
agar. m-n Use a flame-sterilized needle to pick up and transfer the mycelial plug to a new agar
plate.
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Direct inoculation method
Direct plating is the best method to isolate mucoralean fungi from dung (Krug 2004, Benny
2008). Species of Absidia, Circinella, Cunninghamella, Lictheimia, Mucor, Pilobolus, Rhizopus,
Syncephalastrum and Thamnostylum are often isolated using this method from dung and soil
(Benny 2008, De Souza et al. 2016).
Materials required – Agar plates, sterile forceps, parafilm.
Methodology – Samples such as water, soil and fecal content are directly placed on agar
media containing antibiotics. The agar plates are then incubated at 25–28°C. Once fungal growth is
seen, colonies are transferred to fresh agar media to further isolate the fungi (De Lima et al. 2018).
Alternatively, the bottom of the Petri-dishes is lined with one or two layers of filter paper or
paper towel and dung samples from small animals such as rats and mice are placed on the top of the
filter papers (Benny 2008). Then, the plates are incubated in the moist chambers for 3–10 days.
Mucoralean fungi can be observed under a stereomicroscope (Fig. 16).

Figure 16 – Fungi isolated from direct inoculation method.
Wet sieving method
The wet sieving method is generally used to isolate large spores producing soil fungi and
hyphal pieces of mycorrhizal fungi (Thorn et al. 1996, Hoysted et al. 2018). Arbuscular
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mycorrhizae fungi generally produce larger spores than other fungi ranging from 50–500 μm diam.
(Blauda et al. 2016).
Materials required – sterilized needles, filter papers, ethanol lamp, distilled water,
disinfectant, marker pen, centrifuge tubes, Petri-dishes containing about 10 mL of PDA,
Standardized analytical sieves for analytical sieve shakers of the series AS 200, 50% sucrose
solution, compound microscope.
Methodology – Spores are directly extracted from material in soil samples. Soil samples
mixed with water or 50% sucrose solution are stirred. This suspension is poured onto the top sieve
of the wet sieving stack. The sieve shaker is turned on for 5–10 minutes depending on the size of
the sample. While the sample is being sieved, water is added continuously to wash the samples. If
the liquid from the outlet is clear, then the samples retained on each sieve are collected and they are
dried using an oven. After extraction, spores are carefully selected using a compound microscope.
Spores are further cleaned by ultrasonication for 15 seconds and are rinsed in sterilized distilled
water. Clean and matured spores are selected from the material observing by a compound
microscope and transferred to 1.5 mL microcentrifuge tubes containing sucrose using a sterilized
needle. Tubes are stored at -80°C until required and spores are used for culturing in the agar media
when necessary.
Isolating techniques for hyphomycetes
Isolation of hyphomycetes can be difficult due to their exposure to the external environment
(Subramanian 1983). These fungi can be easily contaminated by other fungi and bacteria.
Preventing the growth of non-targeted fungi is the most important strategy to obtain a pure culture
of targeted hyphomycetes (Ellis 1971). However, different methods are used for isolating
hyphomycetes, some of which are described below.
Direct streaking method
This is a method used to obtain pure cultures from hyphomycetes or fungi that have a large
number of spores. Here, spores are directly streaked on culture media under aseptic conditions
without making a spore suspension. This method uses only several tools and saves time (Andrews
& Pitt 1986).
Material required – Culture media, needle, razor blades, 70% alcohol, tissues, sterile water,
parafilm, stereomicroscope
Methodology – Fungal specimen surface is sterilized using a tissue paper moistened with
70% alcohol without disturbing conidial attachment. Then, a needle tip is dipped in sterilized water
and slowly moved across the fungus surface and conidia stick to the needle surface. A few conidia
can be placed on a sterilized, moisten needle. Spores or conidia picked by the needle are streaked
directly on freshly prepared culture media under aseptic conditions. Plates are then incubated to
facilitate conidia germination and germinated conidia are transferred to the fresh media.
Glass needle technique
This method was introduced by Goh (1999) to isolate various taxonomic groups of fungi
including hyphomycetes using single conidium isolation. The method has been successfully used in
the isolation of dematiaceous hyphomycetes, which have large spores (Goh 1999).
Material required – 2 Pasteur pipettes, alcohol burner, beaker, folded paper towel, culture
media.
Methodology – The glass needle preparation is the initial step used in this method. The entire
narrow front portion of the two glass Pasteur pipettes are broken. Then broken pipettes are held
horizontally with the conical parts facing each other and the broken tips of the Pasteur pipettes are
heated in the flame of an alcohol-burner to join them while melting and then pulling the glass
pipettes apart. This should be done inside an enclosed compartment, such as the laminar flow (with
the airflow turned off), fume cupboard or any other enclosed cabinets. It is essential to keep the
2709

flame of the burner vertical during the joining and pulling of the pipettes. If the flame is not
vertical, then the glass would become fragile and the needles would not be flexible (Goh 1999).
Once an ideal glass needle has been made, it can be used for single spore isolations. A small
cavity is made by a sterile scalpel on a fresh 3% water agar plate under a dissecting microscope in
an aseptic condition. Then, the natural substratum or a minute sample of the mycelium with spores
is placed onto the cavity made on the water agar. Then a small part of the sample is dragged on the
agar sample and while dragging spores are separating from each other. The separated spores are
transferred to fresh culture media for spore germination. Germinated spores are transferred to fresh
plates for colony formation (Goh 1999).
Soil plate method for isolation of soil hyphomycetes
This method can be used for isolation of soil hyphomycetes and it is necessary to follow
manufacturer’s protocol to prepare media for optimum fungal growth and sporulation (Barron
1972).
Material required – Petri-dishes, Sterilized water, Czapek–Dox + 0.5 % Yeast extract agar,
Phosphoric acid, micro spatula, balance, Nichrome needle
Methodology – A small portion of the soil sample containing targeted hyphomycetes is
transferred using a micro spatula into a sterilized Petri-dish. Then, 8–10 mL of agar medium in
liquid form (35–40°C) is added to the Petri-dish and soil particles are dispersed throughout the
media by shaking and rotating the plate slightly (Clark et al. 1963, Wanderley-Costa et al. 2006).
The amount of soil used in the preparation of a soil plate varies with the soil texture and collected
locality. It has been experimentally proven that using 0.005–0.015 g of soil on Czapek–Dox + 0.5
% yeast extract agars acidified with phosphoric acid of pH 4.0 is ideal for the growth and
sporulation of many soil fungi. A micro-spatula made by flattening the end of a Nichrome needle
has been used for transferring and crushing soil aggregates (Ayse-Dilek 2003).
Isolation of aquatic hyphomycetes
Fisher et al. (1991) proposed a method to isolate aquatic hyphomycetes. This is similar to the
direct streaking method. However, this method differs in inducing sporulation due to their survival
in the aquatic environment.
Materials required – 75% ethanol, 0.93–1.3 M solution of sodium hypochlorite (3–5%
available chlorine), 1.5% malt extract agar, antibiotics, distilled water, sterilized needle
Methodology – First, the substrate of hyphomycetous fungi should undergo surface
sterilization process using 100 % ethanol for 60 seconds, 0.93–1.3 M solution of sodium
hypochlorite (3–5 % free Cl2) for 3 min and 75 % ethanol for 30 seconds. Then, the sterilized host
specimen is cut into small pieces using a razor blade and placed on 1.5% malt extract agar (MEA)
supplemented with antibiotics (Fisher et al. 1991).
Isolating techniques for coelomycetes
Coelomycetes are conidia-bearing fungi and the conidia are formed within a cavity lined by
fungal tissue, host tissue or combination of both (Sutton 1980, Wijayawardene et al. 2016, Li et al.
2020). Conidia of coelomycetes are often exuded from the conidiomata and they should be isolated
singly using different techniques.
Single conidial isolation
Single conidium isolation simply means that a single, germinating conidium is transferred to
a pure media plate (Davis 1930). This ensures that the colony derived from a single, pure conidium
and there is no mixing of genetic material from multiple conidia. Single conidium isolation is a
basic and accurate method to obtain a pure culture. The single conidial technique is performed with
pour plating, spread plating or streaking on the plate (Zhang et al. 2003). A sufficiently diluted pure
conidia suspension is used, as this separates conidia well allowing for easy picking.
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In this technique, it is important to confirm that only target conidia have been isolated
because one specimen can host more than one fungal taxon and fast-growing species often suppress
others during isolation. Frequently, endophytes are also isolated along with targeted fungi (Ju et al.
2009). Therefore, initially, the surface of the specimen should be sterilized using 70% ethanol.
Single conidium is obtained with a capillary pipette from a conidial suspension (Fig. 17) or direct
picking using forceps under the dissecting microscope (Booth 1971).
Materials required – Fine tip forceps, needles, Pasteur pipette, flamed or cavity microscope
slide, distilled water (all these materials should be sterilized using autoclave before using them), an
alcohol lamp, 70% ethanol, fresh culture media plate (90 × 60 mm).

Figure 17 – Material and tools used in single conidium isolation. a Lighter. b Alcohol lamp.
c Microscope slide. d Plant materials. e 70% ethanol. f Sterilized distilled water. g Razor blade.
h Forceps. i Pasteur pipette. j Needle with syringe. k 90 mm Petri-dish with marked squares. l 60
mm Petri-dish.
Methodology – All tools and distilled water are sterilized before use. If necessary, antibacterial chemicals can be added in the culture media while cooling (at a temperature of less than
40°C). All Petri-dishes are kept in laminar air flow to dry the water drops in the upper lid after
pouring of culture media. The working space should be cleaned with 70% ethanol and two alcohol
lamps are used to obtain aseptic conditions. For the spore suspension, a glass cavity slide is
sterilized with 70% ethanol and wiped with a paper towel. A few sterilized water drops are placed
on a glass cavity slide using a sterilized Pasteur pipette. Several conidiomata are picked from the
surface-sterilized sample using sterilized fine-tipped forceps or the selected conidiomata are cut
laterally using a razor blade. Conidial masses are transferred into sterilized water drops on the
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cavity slide using a sterilized needle. The water drop with conidial mass is examined under a
dissecting microscope to confirm that sufficient conidia of interest have been transferred. The
agitated conidial suspension is sucked into a sterilized Pasteur pipette. Small drops of conidial
suspension are placed on the media. These media plates are incubated for 12–24 hours at room
temperature or appropriate temperature. Plates should not be sealed to facilitate drying out of some
of the surface water. If the plates are sealed with parafilm, water vapors will accumulate on the
media surface and the chance of contamination will increase. However, if the plates are sealed with
parafilm, they should be kept inverted. Plates should be observed after 12 hours and from then on
every 24 hours for two days. Germination of conidia can be seen under a dissecting microscope.
The agar surrounding the germinated conidia are carefully cut using a sterilized needle and
transferred to new media plates. Two to four germinated conidia with germ tubes should be
transferred to one media plate. Plates should be observed under the light microscope to confirm
whether spores form colonies.
Spore suspension method by vortex
In this method, a spore suspension is prepared using a vortex mixer (Leyronas et al. 2012, Fei
et al. 2019). Vortex mixer facilitates the breakdown of the ascus wall and releases spores easily to
the suspension (Figs 18, 19).
Materials required – Micropipette and tips, fine forceps, alcohol lamp, fresh culture media
plates (PDA), centrifugal tubes, vortex.
Methodology – Fruiting bodies are picked from the surface of sterilized plant material and
placed on a sterilized microscopic slide. Then, fruiting bodies are crushed carefully using forceps
under the dissecting microscope and transferred in a centrifuge tube with sterilized water. The
centrifuge tube is covered quickly and vortexed to obtain a homogeneous spore suspension. A
single drop of spore suspension is transferred onto each marked square on PDA using a
micropipette under the laminar air flow and plates are sealed using parafilm. Inoculated media
plates are incubated at appropriate temperatures.

Figure 18 – Material and tools used in the spore suspension method. a Lighter. b Alcohol lamp.
c Centrifuge tube. d Plant material. e Micropipette. f 70% ethanol. g Sterilized distilled water.
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h Razor blade i Forceps. j Micropipette tips. k 90 mm Petri-dish with media marked squares in
lower surface. l 60 mm Petri-dish. m Vortex.

Figure 19 – Basic steps in spore suspension method. a Use of extra fine forceps to pick up fruiting
bodies. b Transferring crushed fruiting bodies into sterilized water in a centrifugal tube. c Stirring
suspension in centrifugal tubes using a vortex. d Use of micropipette to transfer suspensions onto
agar plates.
Isolating techniques for sexual morph of ascomycetes
Ascomycetes produce perithecia, pseudothecia, cleistothecia or apothecia as sexual fruiting
bodies (Pöggeler et al. 2006). These reproductive organs may be superficially immersed in the host
surface. During isolation, fruiting bodies are opened and ascospores are taken out. Herein, several
relevant techniques are discussed.
Spotted pour technique
The spotted pour technique is commonly used for isolation of the single germinating spore
(Choi et al. 1999). A spore suspension is prepared as described above. Sixteen squares are marked
on the bottom of the Petri-dish using a marker. One drop of homogenous spore suspension per
square is transferred onto the media with a sterilized pipette (Choi et al. 1999). Individual drops are
checked using a stereo-microscope to confirm that the correct fungus has been selected (Hildebrand
1938). Plates are sealed with parafilm and kept inverted to prevent water accumulation on the agar
surface. Plates are incubated at 18°C to 25°C for 12–24 hours (Fig. 20).
Spores are checked within 12–24 hours for germination. Upon germination, a very small
amount of agar surrounding the germinating spore can be cut with a very fine sterilized needle and
transferred to fresh media (Booth 1971). Selecting germinating spores with relatively short germ
tubes prevents the transfer of excess agar. Germinating ascospores can be easily recognized, when
observed using a stereo-microscope at the highest magnification or compound microscope using
10–20 times lenses. It is better to transfer spores to several other plates to keep replicates. Spores
should be transferred to new media within an hour after germination. Otherwise germinating spores
form colonies and this may result in picking up spores from different species. In addition, spore
wall disappear when the germ tube develop into mycelia and it is difficult to select the correct germ
tubes to pick up (Fig. 21).
Multiple spore or asci isolation
Multiple spore isolation can be obtained for taxa which produces a large number of spores.
This is a perfect isolation method for fungi that produce small spores and whose germinating spores
are not clearly visible (Stadler et al. 2014). In addition, hyaline spores are also difficult to see on
culture media plates. Therefore, multiple spore isolation may be applicable in this situation (Bills et
al. 2012). In this technique, the fruiting body on sterilized host is horizontally cut using a sterilized
blade and the perithecial content is streaked on a media plate (Wongkanoun et al. 2019).
Germination of asci or multiple spores can occur on media plates (Fig. 22).
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Direct isolation from fungal tissues
Sometimes, collected specimens are not in good condition and spores may be either overmature or present in low numbers. In these cases, subsisting parts of peridium, hamathecium and
vegetative hyphae can be used to obtain a culture (Rozas et al. 2011). If there are any mature spores
attached to peridium or hamathecium content, they may germinate and produce the colonies. For
this process, tissues are rehydrated before being transferred to the media (Liu et al. 2015).
Materials required – 70% alcohol, sterilized tissues, fungal specimen, sterilized blade,
forceps, fresh media plates, parafilm
Methodology – A small piece of surface sterilized ascoma is cut away from the substrate.
These vegetative fungal pieces are rehydrated with a few drops of sterilized water. The pieces of
ascomata are transferred to fresh media plates using sterilized forceps and plates are incubated and
checked for germination after 24 hours.
Spore shooting or drop method
Spore shooting or spore drop method can be used to isolate ascomycetes (Choi et al. 1999).
Some fungi produce huge spore masses and spores are released through a long neck. Some species
eject the spores and spore shooting or drop method can be applied. For ascomycetes, ascospore
should be ejected from the fruiting body (Choi et al. 1999).
Material required – fine-tipped forceps, needle, wax, fresh culture media plates, razor blade,
sterilized scalpel, fungal specimens.
Methodology – A few, surface sterilized, fresh ascomata picked from the substrate or a small
piece of the substrate containing ascomata are and soaked in sterilized, distilled water for 2 hours.
The fruiting bodies are attached to the inner surface of the upper lid of media and wrapped with
parafilm. Plates are incubated vertically (Fig. 23) and are checked for the spore germination after
24 hours.

Figure 20 – Single spore isolation by spotted pour technique. a Tools. b Squares on bottom of the
PDA plate. c Spore suspension. d Spore transfer. e Labeling. f Culture from transferred germinated
spores.
Isolating techniques for epiphytes
Fungal epiphytes live on plant and leaf surfaces and can be categorized as obligate parasites
or saprobes (Hyde et al. 2013, Li et al. 2016). Saprobic epiphytes produce a black coating of
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hyphae on the leaf and fruit surface on economically valuable crops and they reduce the
photosynthetic ability (Reynolds 1998). The hyphal coating can also cause chlorosis (Ismail et al.
2016). Hyphae of multiple sooty mold species are combined in blackened superficial colonies on
the host and the morphology of the hyphal network gives taxonomic information of various species
(Hughes 1976, Hughes & Seifert 2012, Chomnunti et al. 2014). Therefore, careful isolation of
epiphytes is needed for reliable phylogeny based classification.

Figure 21 – Spore density on media and germinating spores. a Too crowded spore spread. b Welldistributed spore spread. c Germinating spores in crowded spore spread. d Over grown germ tubes
formed mycelia. e Spore suspension with different spores. f Overgrown germ tubes.
g-p Germinating spores suit to transfer.
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Figure 22 – Different forms of germinating single or multi ascospores; ascospores and asci of
Phaerosphaeria vagans.

Figure 23 – Spore shooting method. a Picking up fruit-bodies using extra fine forceps. b Soaking
the picked fruiting bodies in sterilized distilled water. c Conidiomata in the Petri-dish lid (arrow
showing place of conidiomata on lid). d Incubation of plates for 24 hr at room temperature.
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Imprint method
This method was proposed by Santamaría & Bayman (2005). Leaf imprinting on agar was
used to isolate the epiphytic fungi from leaves (Fiss et al. 2000).
Materials required – Specimen, fine forceps, surgical blade, sterilized distilled water, glass
Petri-dish, sterilized filter papers, Petri-dish with media, alcohol burner and lighter, 70% alcohol,
tissue, marker pen, wrapping tape, labels.
Methodology – The working bench is cleaned using 70% alcohol. Then leaf specimens are
cut into 5 × 5 mm pieces. Leaf pieces are placed on the media plate as adaxial or upper leaf
surfaces need to be in contact with the agar medium. Leaf pieces are removed after 1 hour and PDA
plates are then incubated at 25°C for 12–24 hours. Germinated spores are transferred to another
media plate. After colonies grow, a small piece of mycelium with agar is cut and transferred to
another media plate to obtain a pure culture.
Isolation techniques for endophytes
Endophytes are an endosymbiotic group of microorganisms often bacteria or fungi that
colonize inter or intracellular locations of plants for completely or partially spending their life
(Pimentel et al. 2011, Singh & Dubey 2015). Culture based studies are regularly used in endophytic
research (Raja et al. 2016). Therefore, isolation of endophytic fungi is necessary for their
morphological characterization, studying population dynamics and species diversity, use culturebased inoculants to intensify plant development, and screening for novel naturally active secondary
metabolites (Philipson & Blair 1957, Hartmann et al. 2000).
Healthy leaves, stems and roots are plucked from selected plants (Jiaojiao et al. 2016, Kannan
et al. 2017). Surface sterilization is the initial and important step for isolation of endophytes (Torres
et al. 2011, Gan et al. 2017). Some plant tissues require additional pre-treatment as their exterior
parts comprise hydrophobic materials such as waxy cuticle (Coombs & Franco 2003,
Radhakrishnan et al. 2013). Sanitation is necessary before surface sterilization to remove soil and
organic particles from the plant parts (Coombs & Franco 2003). The leaves, stems and roots of each
plant are washed separately under running tap water to remove soil particles and the majority of
microbial surface epiphytes (Richter-Heitmann et al. 2016, Saad et al. 2019). For the information
on surface sterilization, Please see: Sanitation and surface sterilization of specimen.
Plant tissue fragments culture method
This technique is suited for isolating endophytic fungi and also actinobacteria (Golinska et al.
2015). Slow growing microorganisms are often underestimated during endophytic diversity studies
(Hyde & Soytong 2008). Also, the growth of two or more microorganisms may require parting of
the isolates and may perhaps end up resulting in a low amount of colonies (Arnold 2007, Toghueo
et al. 2017).
Material required – 1% Sodium hypochlorite (NaClO), 70% ethanol, sterile water, Petridishes, forceps, media plates, alcohol lamp
Methodology – The surface-sterilized plant parts are cut into fragments under aseptic
conditions (Oses et al. 2008, Geisen et al. 2018). Fragments are placed directly on an appropriate
nutrient medium (Rödel et al. 2016). Tissue fragments should be cut into very small and thin pieces
as colonization may be inadequate (Fig. 24) (Anjum & Chandra 2019, Hassan et al. 2019). The
chosen nutrient medium is supplemented with antibiotics to prevent any unwanted microbial
growth (Sanders 2012). Antifungal substances can also slightly be added to delay the development
of fast-growing fungal contaminants (Müller & Ruppel 2014, Mat-Jalil & Ibrahim 2018).
Endophytic microorganisms that arise from plant fragments are consequently shifted to fresh media
(Bernardi-Wenzel et al. 2010).
Most endophytic fungi, especially if slow growing should undergo a soaking process (Sieber
2002). Hypothetically, this method traps endophytic invaders of the plant tissue, including
colonizers of the root cortex or vascular tissue, intercellular as well as intracellular colonizers. To
increase the efficiency of this process, sterile water or buffer solution is added to the surface2717

sterilized plant tissue before maceration (Chi et al. 2005, Mattos et al. 2008). This method is simple
and reliable.
Material required – mortar and pestle or other automated machines such as Klecco tissue
pulverizer, Polytron homogenizer or a blender, needle, culture media plates
Methodology – Surface sterilized plant parts are macerated with water. The duration and
intensity of maceration need to be calculated. The temperature should be monitored and cooling is
necessary to deactivate plant enzymes and toxins released during maceration. Otherwise, plant
enzymes and toxins can deactivate or destroy the endophytic fungi (Hardoim et al. 2015, Hyde et
al. 2019). After the maceration of plant tissue, the suspension is streaked on culture medium under
aseptic conditions (Ramalashmi et al. 2018, Shukla & Wahla 2019).

Figure 24 – Isolation endophytes by cultivating plant tissue fragments. a Tools. b Media for
Surface Sterilization. c Soaking in 95% ethanol. d Soaking in 3% sodium hypochlorite. e Soaking
in 95% ethanol. f Washing in distilled water. g, h Leaf pieces placed on a PDA plate. g upper side
of PDA plate. h lower side of PDA plate. i Colony growth on PDA (after 72 hours). j Colony
growth on PDA (after 6 days). k Pure culture.
Plant tissue maceration method
Plant intercellular ﬂuid culture method
During centrifugation, the intercellular fluid of the plant tissue is collected to extract the
endophytic fungi. The method has been used frequently and is especially successful for root tissues
(McCully 2001, Tolulope et al. 2015, Gouda 2016, Hamayun et al. 2018, Shah et al. 2018, Wang et
al. 2019). The advantage of this technique is that it avoids maceration of plant tissue, reduces
contamination and can deal with several samples at the same time.
Material required – Centrifuge machine, centrifuge tube, 70% ethanol, sterile water, 1%
sodium hypochlorite, blades, forceps.
Methodology – Plant tissues are washed with distilled water for 1 min., and then air-dried.
The leaf surface is sterilized by dipping the leaves in 70% ethanol for 30 s, followed by dipping in
1% sodium hypochlorite for 60 s and subsequently rinsing in sterile demineralized distilled water.
The cleaned leaves are cut into pieces of approximately 0.5 cm2. Plant tissues are centrifuged at
3000g and the apoplastic ﬂuid is collected (Dong et al. 1994). The fluid streaked on the media for
endophyte isolation.
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Isolating techniques for plant pathogens
The specimen or tissue parts used in isolating plant pathogens usually consist of the interphase or transitional area between healthy and infected tissue (Melotto et al. 2008). The choice of
material used for isolation may depend on the experience of the mycologist. Depending on the
pathogens, different techniques may be required for isolation (Abdulkhair & Alghuthaymi 2016).
General techniques such as single spore and tissue isolation are used to isolate commonly occurring
fungi. In order to isolate primary pathogens, specific techniques such as baits or selective media
may be used.
In all isolation methods, the Petri-dishes are maintained at room temperature or in an
incubator at a specific temperature such as 25–30°C. These cultures are typically maintained for 3–
10 days and are examined daily for microbial growth. The type of culture medium is an important
factor when isolating plant pathogens. Potato dextrose agar (PDA) is the general culture medium
that many plant pathogens can utilize. Acidified PDA suppresses bacterial growth while allowing
fungi to grow (Trigiano & Ownley 2017). However, some fungal pathogens may require selective
media to grow as high carbohydrate and nitrogen content with a pH range of 5–6 and a temperature
range from 15–37°C (Basu et al. 2015).
Baiting techniques for isolation of soilborne plant pathogenic fungi
Soilborne plant pathogenic fungi can be divided into two groups as root-inhabiting specialists
that cannot grow in root free soil and specialists that are capable of growing through root free soil
(Kariman et al. 2018). In both cases roots are sampled, thoroughly washed, surface sterilized, dried,
dissected and plated on media that contain antibiotics.
Baits are used to trap and isolate plant pathogens (Fig. 25). Baits are usually a desirable plant
host that can stimulate pathogen growth. For example, species of Phytophthora produce motile
zoospores, which are the dispersal mode and cause new infection. In order to isolate Phytophthora
species from a diseased plant root or from the surrounding soil, both root and soil are submerged in
water and pieces of leaf disks can be floated on the water surface. Zoospores of Phytophthora will
be attracted to the leaf disks and after several days the disks are carefully removed from the water,
blotted dry and placed on a semi-selective medium. If species of Phytophthora are present in the
diseased root or soil, growing mycelium from the leaf disk will be observed.
Direct isolation for above ground plant pathogenic fungi
If fruiting bodies are clearly visible on symptomatic plant tissues, then plant material is
incubated for 24–48 hours in a moist chamber and single spore isolation is used to obtain a pure
culture (Ampt et al. 2019). Plant pathologists use this method with modifications. For example, if
parts of plant tissue containing several mature fruiting bodies can be placed in a tube of sterilized
water until enough spores are counted in the suspension, this can be plated out (Fig. 26) (Schuck et
al. 2014).
Indirect isolation for above ground plant pathogenic fungi
Poorly or non-sporulating pathogenic fungi have to be isolated indirectly from symptomatic
plant tissues. These plant tissues are usually surface sterilized to minimize contaminants or other
saprobes that might be present. The reason is the pathogen causing the disease would be present in
the infected and damaged internal tissue (Bolton & Thomma 2012).
Material required – 70% alcohol, 10% NaOHCl, sterile water, tissue papers, culture media
plates, forceps,
Methodology – Surface sterilization is done by soaking the plant tissues in 70% alcohol and
in 10% NaOHCl solution. The exposure time of the plant material to the sterilization agent can vary
from a few seconds to several minutes, depending on the permeability of the plant tissue. Once
plant tissues are sterilized with chemicals, they are rinsed in sterilized distilled water. Excess water
is blotted off with sterilized blotting paper and allowed to air dry. Throughout this process, plant
materials should be handled aseptically. Then, the plant tissue is sectioned into small pieces and
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placed on appropriate media in Petri-dishes. If the surface sterilization was done correctly and if
there is a pathogen in the plant material, fungal growth originating from internal parts of the plated
plant tissue can be seen and the cultures recovered will be morphologically consistent (Fig. 27).

Figure 25 – Baiting technique for plant pathogens. a Soil sample, sterilized water and sterilized
forceps. b Soil sample submerged in water with pieces of the bait (eucalyptus, Camelia sp. or
Rhododendron sp. leaves) floated on the water surface. c Leaf disks blotted dry. d Leaf disks placed
onto the suitable medium in aseptic condition. e Leaf disks onto medium.
Indirect isolation from fruiting bodies
Poorly or non-sporulating fruiting bodies or mycelium fragments can also be transferred
directly onto agar (Zhang et al. 2013). In this method, fruiting bodies are squashed and fragments
are streaked on a fresh culture plate (Fig. 28).
Material required – needles, culture media plates, forceps
Methodology – Surface sterilized plant parts are cut into small pieces. Small plant parts are
held using forceps and streaked on to media plates. If the samples are fruiting bodies, then, they are
squashed and streaked on the media plates.
Spore shooting method
Spore shooting is another indirect method for isolating plant pathogens. Material required and
methodology is noted in: Isolation techniques for coelomycetes (please see page 36).
Isolation techniques for soil fungi
Many methods have been used to isolate fungi from soils to estimate fungal diversity
(Warcup 1960). The hyphal isolation method has been used to assess active mycelial forms in soil
(Warcup 1955, Parkinson & Williams 1960). Soil-washing technique has been used to isolate
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microfungi on root surfaces, organic materials, decaying wood and leaf litter (Simmonds 1930,
Robertson 1954, Harley & Waid 1955, Thorn et al. 1996). However, ascomycetous and
zygomycetous fungal spores were removed by this method. Therefore, an immersion-tube
technique has been used to isolate ascomycetous and zygomycetous taxa from soil (Chesters 1940).
Soil fungi can be isolated directly from scattered soil particles or spores and mycelial
fragments in soil suspension (Chesters 1940). Soil is rich in fungal diversity (Gams 1992) since
saprophytic fungi are the major recyclers in litter and soil (Thorn et al. 1996). Warcup’s soil plate
method is the most successful isolation method for saprophytic soil Zygomycetes (Steiman et al.
1995, Thorn et al. 1996).
Soil dilution plating method
Soil samples are diluted to reduce the density of fungi in each dilution tube (Aziz & Zainol
2018). This dilution method was adopted by Waksman (1927) and upgraded by Aziz & Zainol
(2018).

Figure 26 – Direct isolation from fruiting bodies (include Botrytis and any other oozing fruiting
bodies on a host). a Disease symptom on leaves. b Fruiting bodies on substrate. c Picking fruiting
bodies under a stereomicroscope. d Streaking on media plates.
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Figure 27 – Indirect isolation from tissue. a Tools (75% ethanol, Distilled water, media plates,
burner, timer, blotting papers and forceps). b Tissues cut into small pieces. c, d Heat sterilization of
forceps. e, f Surface sterilization of tissues using 75% ethanol. g, h Removal of used 75% ethanol
and drying of tissue pieces.
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Figure 28 – Indirect isolation from fruiting bodies. a, b Air dried surface sterilized tissues.
c, d Dried tissues placed on the media plates. e, f Sealed Petri-dishes. g Labelled plates.
h Incubation of media plates to observe any mycelium growth.
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Material required – 70% alcohol, alcohol lamp, dissecting microscope, lighter, 85% NaCl
solution or distilled water, fine forceps, tissue papers, wrapper, PDA media plates, 1% streptomycin
solution, test tube series
Methodology – Soil samples just below the litter layer, from different habitats are collected
using a sterilized cork borer. Samples are stored in sterile polyethylene bags until processing in the
laboratory at 48°C. Approximately, 2.5–4.5g of dry soil sample is added in 500 mL of sterile 0.1%
sodium pyrophosphate. The aqueous mixture is intermittently shaken for 1 hour at 48°C for
dispersing clumps and colloids of soil. The whole suspension is sieved through a soil sieve series
(Thorn et al. 1996). The final dense suspension is air-dried and 50 g of dried soil suspension is
mixed with 100 mL 85% NaCl solution and shaken well (Ratna Kumar et al. 2015). The mixture is
diluted from 10-1 to 10-6. Finally, 0.1 mL from each vial is pipetted into an antibiotic added culture
media plate. Plates should be observed for 4–6 weeks. Colonies are examined under a microscope
for the production of conidia and clamp connections at the septa. Diazonium blue B turns clamp
connections red to purple which aid for identification (Thorn et al. 1996).
Soil plate method
The soil plate method was developed by Warcup (1950) to isolate the soil fungi (Kamal &
Bhargava 1971). This is a simple plating technique in which a small amount of soil is spread over a
culture medium (Warcup 1950).
Materials required – 70% alcohol, alcohol lamp, dissecting microscope, lighter, fine forceps,
cork borer, tissue papers, wrapper, PDA media plates
Methodology – 0.005g of soil is spread in a sterilized Petri-dish and 10–15 mL of agar media
at 35–40°C is poured onto the spread soil. Petri-dishes are rotated gently for fine dispersal before
agar solidifies. If the soil is dry, few sterilized water drops are added into the plate before adding
the media (Warcup 1950). Plates are incubated at an appropriate temperature for 1 week. After
colonies appear, randomly selected fungal colonies are transferred separately for sub-culturing.
Immersion tube method
The immersion tube method was introduced to isolate a wide diversity of microflora from soil
(Chesters 1940, 1948). A modified version of the above technique is as below.
Materials required – 70% alcohol, alcohol lamp, dissecting microscope, lighter, needle,
aluminum foil, screw cap micro tube, fine forceps, cork borer, tissue papers, wrapper, PDA media
plates
Methodology – Spirally punched, tiny holes are prepared on the walls of sterile screw cap
micro-tubes using a red-hot needle. Tubes are sterilized and 1 mL of PDA is poured into the tube in
laminar airflow. When the medium cooled down, the tubes are wrapped well using sterile
aluminum foil and stored in a sterile tube until use. Collection sites are selected and soil layers
below the litter layer are exposed using a flame sterilized cork borer. Screwcap micro-tubes are
immersed at the required depth. Micro-tubes are incubated inside the soil for a week to provide
adequate time for mycelia to grow in a nutrient medium. Tubes are transferred to sterile Petridishes and brought to the laboratory for analyses (Fig. 29).
Isolating techniques from air
Atmospheric air contains numerous fungal spores (Lacey & Dutkiewicz 1994). There are two
methods generally used for sampling atmospheric fungi as (i) Petri-dish gravitational or settle plate
method (Pelczar et al. 1993) and (ii) Volumetric spore sampling method (Martinez-Ordaz et al.
2002). Evaluation of atmospheric fungi is important as these spores may cause respiratory diseases
when inhaled by humans. Some of these spores also cause allergies (Şakıyan & İnceoğlu 2003).
Besides qualitative, different spore counts can be obtained by these gravitational and volumetric
sampling methods. However, it is difficult to efficiently collect some small-spored fungi using the
gravimetric method (O’Connor et al. 2014).
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Figure 29 – Immersion tube method. a Tools. b Screw cap micro tubes with tiny holes. c Screw cap
micro tubes with PDA medium. d Aluminum foil-wrapped tubes. e Sterile tubes. f Tubes immersed
inside the soil. g Tube transferred to sterile Petri-dish.
Petri-dish gravitational or settle plate method
The settle plate method is a basic, passive sampling method for airborne fungi. A Petri-dish
containing suitable agar medium is exposed to the atmosphere wherein the medium collects fungi
that are settled by gravity (Napoli et al. 2012). There is however a greater possibility to collect
large-spored fungi than small-spored ones, because of air turbulence around the plate can affect the
results and small spores may lose and only occasionally settle (Scaltriti et al. 2007). The effect of
air turbulence may minimize the spore settlement when the plate left out longer. Settle plates are
also impossible to validate because there is no way to measure the volume of air sampled
(Pasquarella et al. 2008).
Materials required – Petri-dishes with PDA, double-sided tape, tissue, wrapping tape, labels
Methodology – PDA plates are arranged horizontally and vertically, facing different
directions. Exposed PDA plates are collected after 3 hours and incubated at 28°C for 5–7 days to
recover the fungal colonies (Fig. 30).
Volumetric spore sampling method
Active sampling is performed using a surface air sampler and the airflow rate is regulated
between 10–180 L/min (Gregory 1954, Brook 1959). The advantage of the machine is that spores
from a comparatively large area are concentrated on a small area (Napoli et al. 2012).
Materials required – Petri-dish with PDA, double-sided tape, tissue, wrapping tape, labels, air
system sampler
Methodology – The sampler is placed beside the agar plates and the fungal spores sucked
from air are spread on agar plates. After a particular period, plates are closed and incubated at a
suitable temperature.
Incubation, obtaining pure cultures and sub-culturing
Incubation promotes the growth of cultures under appropriate conditions and is affected by
nutrients in the medium, pH, temperature and light (Meletiadis et al. 2001). It is important to
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provide suitable conditions to yield optimal growth, the viability of mycelia however, depends on
the growth rate, culture media and method of storage (Sun & Guo 2012). Therefore, it is necessary
to perform periodic sub-culturing at reasonable intervals to maintain the viability and active growth
of cultures. Fresh medium plates are used for sub-culturing and a small amount of mycelial tips are
inoculated to media plates. Inoculated plates are incubated under suitable temperature and light
conditions (Cai et al. 2009).
However, the original culture characteristics may change during periodic sub-culturing.
Colonies of slow growing fungi become thin with less mycelium, through form matted or fluffy
colonies in initial isolations (Su et al. 2012). Initial fluffy mycelia may become sticky, slimy
colonies on repeated sub-culturing. Some cultures form chlamydospores during colony maturation,
which appear in brown (Hyde et al. 2010).

Figure 30 – The gravitation method (open plate technique). a Experimental setup. b Removing
PDA plates. c Collected PDA plates. d Colony grown on PDA (after 3 days).
Preservation and deposition at culture collections
Fungi sometimes exist in hostile climatic conditions where most life cannot survive.
Therefore, fungi are considered as one of the most abundant and diversified living organisms on
earth (Whitman et al. 1998). However, only a small fraction of those fungi has been explored and
studied. Thus, long-term preservation of fungal cultures is necessary to facilitate innovation derived
from fungi and their activity.
An important and essential role of fungal culture collections is to make these fungal isolates
available to the research community (Hawksworth 1985). Once a species is isolated from their
natural habitat, it is useful as they are maintained for conservation and utilization (Humber 1997).
Some fungi are host-specific and difficult to obtain culture. Growing ability of some fungi is
reduced during sub-culturing due to unavailability of suitable conditions for preservation as well as
lack of knowledge regarding conservation (Sharma et al. 2017). There are numerous fungal culture
collections worldwide (Hawksworth 1985). Different culture collections have different rules for
deposition and preservation. Therefore, there is a need to familiarize with the terms and conditions
of culture collections before deposition.
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Ideally, the depositor prepares two screw valves or centrifuge tubes with agar slants and
inoculates them with the pure culture (Hawksworth 1985). The inoculated tubes are stored at room
temperature for a few days until the test fungus grows on the agar slant. After the cultures are
grown on the agar slant, they are deposited with the culture data sheet, which contains the
collection and isolation details, storage conditions and colony characters. Depositors may have to
sign an agreement with the culture collection (Smith & Onions 1994). Cultures are stored in
suitable conditions to avoid frequent sub-culturing. Storage in mineral oil and demineralized, sterile
distilled water only are elaborated as this can easily be carried out in every laboratory. Storage
methods are complex and differ between culture collection and they include storage in mineral oils
or demineralized, sterile water, lyophilization, storage at -70°C and cryopreservation.
Sterilized mineral oil (liquid paraffin, medical paraffin) is used as a storage medium.
Generally, 0.5 cm diam. mycelial discs are suspended in 1‒2 mL of sterilized mineral oil
(Kudriavtsev et al. 1972). Cultures on agar slants can also be covered with mineral oils to retain
hydration, as this slows down metabolic activity and growth by reducing oxygen tension (Little &
Gordon 1967). Mineral oils prevent oxygen exchange between mycelial cells in the container and
atmosphere, reduce metabolism and prevent desiccation of agar medium (Bunse & Steigleder
1991). In addition, fungal cultures preserved in mineral oils are stored at 4°C for effective
preservation. Retrieval of cultures is achieved by draining off excess oil and inoculating a small
piece of the fungal colony on an agar medium with a sterile needle. However, it is better to wash
the mycelium with sterilized water to remove the oil (Little & Gordon 1967). The first subculture
often shows a low growth rate. Cultures stored in mineral oil remain viable for 4‒5 years. The
disadvantages of this method are contamination by airborne spores and retarded growth upon
retrieval (Sathe & Dighe 1987). Storage in mineral oil is considered as a low-cost method with
moderate genetic stability.
Storage in demineralized, sterilized water is an inexpensive method used to preserve the
cultures for 2‒5 years. Small mycelia discs of 0.5 cm are aseptically transferred to sterilized, precooled water and lids are tightly screwed. Culture tubes are stored at room temperature or at 3‒5oC
and preserved hyphae in water do not grow further due to lack of nutrients and oxygen (Bueno &
Gallardo 1998, Diogo et al. 2005). This method has successfully been used to preserve species in
Mucoromycota and Kickxellomycota (Diogo et al. 2005).
Avoiding contamination
Fungal cultures often become an excellent source of food for mites when stored. Mites
generally originate from fresh specimens and contaminate the culture plates through subculture and
stacking plates together (Fig. 31). There are several guidelines to avoid mites in cultures.
1. The bench and stage of the microscope where the culturing is carried out is thoroughly cleaned
with 70% ethanol.
2. All stored cultures are sealed with parafilm, although this does not keep out mites indefinitely.
3. All tools used to remove fungi from substrates are sterilized by 70% ethanol. The storage area
and cabinets are kept clean and mite-free. This is achieved by sterilizing them with 70% ethanol as
often as possible. If there are mite-contaminated plates in the collection, these are removed and
decontaminated immediately. Cultures are stored in batches in separate sealed plastic bags.
4. Naphthalene pellets are put with cultures and this slows down the activity of mites. However,
naphthalene may also reduce the growth of fungi.
5. Ivermectin, a chemical that inhibits insect growth and therefore, can be added to culture medium
before pouring.
6. Culture containers can be immersed in jars with paraffin oil or water so that mites do not climb
into the container.
7. Leaving plates in the incubator for a long time period may cause mite contamination. Therefore,
all cultures should be transferred to storage vessels as soon as possible.
8. Mite proof Petri-dishes can also be used (e.g. 60 mm air-tight Petri-dishes), though they are
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expensive.
In addition to mites, bacteria are also the major contaminants of fungal cultures. Oh et al.
(2018) have shown that 16 bacterial species isolated from fruiting bodies significantly influenced
mycelial growth of filamentous fungi and molds. Most bacteria negatively affect filamentous
fungal growth by inhibiting various enzymatic activities and using fruiting bodies as a nutrient
source (Oh et al. 2018, Santos et al. 2003).

Figure 31 – Mites are eating fungal hyphae and laying eggs on cultures.
4. Sporulation techniques
Fungal sporulation or conidiation refers to the formation of spores or conidia from vegetative
cells (Adams et al. 1998a) and it is influenced by environmental and endogenous biological
rhythms (Wright 1979, Timberlake 1980, Su et al. 2012). Asexual sporulation may be an adaptive
response that allows the organism to survive in undesirable conditions such as radiation, extreme
heat or cold, and lack of nutrition. Spores are thick-walled, dormant structures that preserve the
genetic content of the organism. Many experiments have been conducted to understand the
molecular mechanisms of conidial sporulation (Roncal & Ugalde 2003, Sun et al. 2012) because
fungal spore and conidial morphology is very important in fungal taxonomy (Kirk et al. 2008).
Nutrient levels, host substrate and light are considered as major environmental factors that
affect sporulation (Smith & Berry 1974, Guo & Michaelides 1998, Su et al. 2012). Different
conditions and techniques have been used to facilitate fungal sporulation in commercial and
scientific research (Xu et al. 2012). These techniques are pre-incubation in the dark, low
temperature treatment, brushing mycelia and exposing mycelia to UV light (Guo et al. 2003, Wang
et al. 2005, Xu et al. 2012). Other factors affecting fungal sporulation are mutilation of the
mycelium (Rands 1917, Su et al. 2012), temperature (Prasad et al. 1973), pH (Yazdany & Lashkari
1975) and humidity adjustments (Paul & Munkvold 2005). Kashket & Cao (1995) have reported
that some fungi lose their sporulation ability during repeated transfer in artificial media.
UV exposure
Near exposure and direct exposure of mycelia to ultraviolet (UV) radiations for a short time
can successfully induce conidial sporulation (Marsh et al. 1959, Dahlberg & Etten 1982, Dhingra &
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Sinclair 1985, Betina 1995, Xu et al. 2009, Su et al. 2012). Mycelia are exposed to UV light
radiations with the wavelength range of 350–500 nm for 12 hours and darkness for 12 hours to
imitate diurnal cycles of light and darkness (Marsh et al. 1959, Leach 1962, Dahlberg & Etten
1982, Crous et al. 2006, Su et al. 2012). Light radiation-sensitive fungi can sporulate by this
method. However, light radiation may hinder the sporulation of nocturnal sporulators such as
Alternaria, Choanephora, Helminthosporium, Peronospora and Stemphylium (Dhingra & Sinclair
1985). In addition, 18 to 24 hours of exposure to strong fluorescent or blue light has successfully
induced sporulation in some species of ascomycetes (Crous et al. 2006).
Low pH
The fungal vegetative phase grows well in neutral to alkaline media and an increase in acidity
may enhance the sporulation (Tatiana et al. 2010).
Aeration
Excess ammonia and carbon dioxide act as inhibitors of sporulation in some ascomycetes.
Culture plates and cotton-plugged tubes with sufficient gas exchange can prevent the accumulation
of NH3 and CO2 during fungal metabolic activities (Dhingra & Sinclair 1985).
Growing on nutrients depleted media
Carbon, nitrogen and other microelements are the major nutrient factors in effective growth
of fungal cultures (Timnick et al. 1951) and there are varieties of culture media used in fungal
isolation and culturing (Booth 1971, Su et al. 2012). Even though these media provide promising
growth for most saprobic, endophytic and pathogenic microfungi, their use has not induced
sporulation of sterile isolates (Guo & Michaelides 1998, Li et al. 2007, Su et al. 2012). Most fungi
have specific carbon and nitrogen requirements for sporulation (Gao et al. 2007). Sporulation is less
promising when mycelium growth is rapid and good culture media for sporulation generally leads
to insipid growth of vegetative hyphae (Dahlberg & Etten 1982, Dhingra & Sinclair 1985, Nebane
& Ekpo 1992, Elson et al. 1998, Braun et al. 2011). Synthetic nutrient-poor agar, water agar (WA),
½ or ¼ strength PDA are used as typical low nutrient media (Nirenberg 1976, Masangkay et al.
2000, Su et al. 2012). However, some fungi have specific requirements of carbon and nitrogen for
sporulation when grown in nutrient-poor media (Dahlberg & Etten 1982, Su et al. 2012). A possible
mechanism for stimulation of sporulation pertains to sending wrong signals to the cells about
environmental nutrient status (Adams et al. 1998b). Some Mucor species have records showing
sporulation in synthetic mucor agar, while members in Kickxellomycetes sporulate on half-strength
malt extract-yeast extract agar or cornmeal agar (Kurihara et al. 2004, Swathi-Sri & Subrahmanyam
2017).
Two stage cultivation
In this method, one half of the agar plate is inoculated by the fungi required to sporulate and
another half of the plate is inoculated by the fungus only performing vegetative growth. This forms
competition for nutrients between both fungi (Sun et al. 2009).
Low temperature
Many researchers have confirmed that room temperature is suitable for sporulation for most
fungi, while others have suggested that low temperature also works well in inducing sporulation
(Shahin & Shepard 1979, Tatiana et al. 2010).
Chemically induced sporulation
Some chemicals such as CaCO3 may increase sporulation in some Alternaria species (Shahin
& Shepard 1979, Masangkay et al. 2000, Su et al. 2012). Xu et al. (2009) has proposed a novel
method to promote the conidial formation of Pochonia chlamydosporia, using hydrogen peroxide
together with two-stage cultivation which enhanced sporulation faster than the regular continuous
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cultivation. Fungal colonies grown on PDA are briefly treated with 90 mM concentrations of H2O2,
followed by fungal plugs transferred into water agar (WA) for sporulation (Xu et al. 2009).
Host tissue
The addition of host tissues on vegetative mycelia is often used to induce sporulation in host
specific and plant pathogenic fungi (Gao et al. 2007, Su et al. 2012). Dhingra & Sinclair (1985)
showed that host substrates such as leaves, fruits, roots, straw and stems which are sterilized by
propylene oxide, autoclaved twice at 121°C for 20 minutes, or with 75% alcohol (Crous et al. 2006)
facilitated fungal sporulation. 1.5% water agar is poured into a sterile Petri-dish which contains
sterilized host substrates. After the medium solidifies, Petri-dishes are moved to the propylene
oxide chamber for further sterilization. Petri-dishes are then inoculated with fungal mycelia and
incubated until sporulation (Yoshida & Shirata 2000). Several studies have shown that providing a
host substrate on which the taxon originally occurred are successfully induced the sporulation. It is
important to use healthy, recently picked, host tissues (Crous et al. 2006). Alternaria,
Colletotrichum, Curvularia, Drechslera, Fusarium, Helminthosporium, Nigrospora, Pestalotia,
Phaeotrichoconis, Plenodomus, Pyricularia, Trichoconis and Botryosphaeriaceae species
successfully sporulated in 2% water agar with sterilized pine needles incubated under closely
exposed UV light radiation (Crous et al. 2006, Wulandari et al. 2009, Glienke et al. 2011). Addition
of invertebrate-derived substrate to the media was proven successful for Coemansia asiatica,
Coemansia javaensis, Linderina macrospora and species of Kickxellomycota (Kurihara et al.
2008). However, this substrate did not consistently yield positive results.
Dehydration-mycelial injury method
This method has been used successfully to induce sporulation in Alternaria solani,
Drechslera poae, Cochiobolus sativus and Pyrenophora dictyoides (Dhingra & Sinclair 1985).
The fungus is grown in a shaking flask for sufficient mycelium growth. The mycelium suspension
is then blended for two minutes to wound the hyphal wall, followed by centrifugation to
concentrate and harvest the mycelium. The pellet is re-suspended in 0.02 M phosphate buffer (pH
6.4). Then two mL of the suspension is distributed onto sterile, dry filter paper placed on the culture
plate. Small agar blocks are placed on filter paper in media and incubated at room temperature. The
hyphae grown on agar blocks are sporulated and the spores can be washed using a wash bottle.
Placing sterile filter paper, lens cleaning paper or blotting papers on the agar surface dehydrates the
mycelia and induces sporulation in many fungi. Dehydration prevents bacterial growth on cultures
(Paul & Munkvold 2005).
5. Fungaria: preparation, conservation and handling
Fungarium specimens are a vital source of information of all taxa and provide a permanent,
verifiable record of the occurrence of a taxon at a particular time and place (Hawksworth 2010,
Seifert & Rossman 2010). A fungarium specimen is a dried material, dried substrate of its host,
dried culture or microscope slide (Fig. 33) deposited in fungaria (Fig. 32). Fungi are collected from
a range of organic or inorganic substrates such as any part of plants, humans, animals, and
mushrooms (Blackwell 2011, Hyde et al. 2019). Inanimate objects such as clothes, concrete, rocks,
marine sediments, metals, plastic materials, sand and glass can be the substrates as well.
Fungarium specimens are very important in all aspects of fungal systematics and appropriate
preparation, storage and careful handling of specimens to ensure the good condition to use in future
research (Hosoya et al. 2017). They can also be used for DNA extraction (Smith et al. 2020, Sugita
et al. 2020). Morphology of a taxon can be referred from fungarium specimens (Andrew et al.
2019). If the morphological descriptions are poor, it can be improved by examining the fungarium
specimens (Guarro et al. 1999). In addition, they provide information on the biogeographical
distribution of taxa.
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Figure 32 – Storage of specimens in a fungarium. a, b Drying oven for fungal cultures.
c-d Cabinets with properly labeled specimens. e Storage room with controlled temperature and
humidity.
Fungaria specimen preparation
Studies on fungal pathology, diversity and ecology are revealing many new species (Hyde et
al. 2018). The host or material on which the species occurs serves as an important criterion to
recognize a fungus (Dayarathne et al. 2016). The holotypes, isotypes, paratypes, and lectotypes
represent different species, genera and families (Senanayake et al. 2018). Not only are the types
useful in understanding the historical context of a fungus, but also important in future education
and training (Thiers et al. 2013). When fungal classification changes and species taxonomy are
shifting based on new knowledge, voucher specimens help to cross-reference these changes with
previous research. Therefore, the preservation of specimens is essential. Well-prepared voucher
specimens, cultures or slides should be deposited in recognized, accessible fungaria or institutions
and cited in the publication to ensure scientific reliability of published accounts (Robert et al. 2013,
Andrew et al. 2019).
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Dried material
Fresh fungal specimens are air-dried or oven-dried as soon as possible once photographs have
been taken. If it is impossible to dry the specimens as soon as collected, they are stored in a
refrigerator, but not the freezer (Andrew et al. 2019). Specimens are dried using hot air or 60–100watt desk lamp. Temperature between 40–45°C for 6–12 hours is ideal for most
specimens.Specimens are dried at 25–35°C for 2–3 days when the material is thick and the fruiting
bodies are cracked or shrunk dramatically losing their moisture, causing discolouration and changes
in shape (Antonovics et al. 2003, Willis et al. 2017). Drying avoids mold growth and pest
contamination.
The packaging depends on the size of the specimen, but should ideally follow the rules and
regulations of the fungaria where the material is deposited (Andrew et al. 2019). Thin specimens
such as leaves can be stored in envelopes, while specimens such as seeds, stems, twigs or
macrofungi can be stored in hard paper boxes. A suitable glue, liquid latex or double-sided
adhesive tapes are used to stick the labels. Three-dimensional specimens can be fixed with board
pins or placed in grooves or slits on the supporting material (Molin et al. 2011).
Permanent microscope slides
Permanent microscope slides that show morphological characters of the taxon can be a
fungarium specimen (Mueller et al. 2004a). These are very useful where the specimen has a limited
amount of the fungus or has unique characteristics. The details of fungal mounting techniques and
slide preservation are explained under mounting.

Figure 33 – Fungarium specimens. a Dried woody material. b Dried mushroom. c Dried culture.
d Permanent microscpe slide.
Dried cultures
Fungal cultures not only preserve morphological characters of hyphae or colonies but also
reproductive structures (Andrew et al. 2019). Therefore, dried cultures should be deposited as part
of a fungarium specimen. Taxa discovered from environmental samples may only be a culture
(Onions 1971). Cultures grown in water agar with 2.5% glycerol are examined for fruiting
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structures and other morphological characters. The base of an aluminum tray is covered with silica
gel and dried in a hot-air oven at 160°C for 2 hours and let it cool inside the oven (Rogers 1914).
Culture plates are placed on the aluminum tray with silica gel. The tray with cultures is placed in a
desiccator. Cultures are continuously observed for drying and taken out before shrinking. Dried
cultures are stored in wax paper bags with silica gel (Silva et al. 2011).
Care of fungarium specimens
Fungarium specimens ideally preserve all morphological characters of a fungus. Specimens
are arranged on the hardboard to show the characters well and this prevents shrinking during
drying. The specimens are placed on mounting boards and are stuck to the boards using glue. They
are stored in suitable packaging with a tag (Wu et al. 2004). Generally, fungarium specimens are
stored at humidity between 40–45% and temperatures lower than 20°C (Rogers 1914, Andrew et al.
2019). If specimens are collected from the decaying litter or soil, then insects and their eggs are
removed first. Dried specimens are placed in zip-lock bags and frozen at -20°C for seven days
(Rogers 1914). Insects and their larva are destroyed during freezing. Specimens are then taken out
and kept at room temperature overnight allowing any remaining eggs of insects to hatch. The
specimens are frozen again for another seven days (Wu et al. 2004).
Labeling of fungarium specimens is very important. Each specimen gets a unique fungarium
reference number (Meineke et al. 2018). Generally, important data that should be labeled with the
specimen are fungus name, locality, host, substrate, collector’s name, collected date, temporary
code, type status and collection code of the specimen (Dentinger et al. 2016). The collector’s
number is written on tags that can be attached to the specimen and its duplicates (Mueller & Schmit
2007).
Locality refers to the exact geological position of the specimen collection and the closest
reference points are included when recording the locality such as the nearest town or a well-known
landmark along with the exact locality. This information can be obtained from maps together with a
GPS (Global Positioning System) reading (Bruns 2012). The collected date and location provide
information about the life cycle and distribution of the desired fungus. This can be used when
planning subsequent trips to recollect the specimens or to collect the fungi in similar other areas
(Thiers & Halling 2018).
Specimens can often be destroyed by mites. Therefore, fumigation is performed once a year
using suitable fumigates such as methyl bromide (De Gasper et al. 2014). They are handled with
care to make sure they are not crushed or deteriorated due to poor fungarium storage conditions.
Broken packaging or covers cause misplacing or damaging of specimens by pressure, moisture,
pests, chemicals and fire (Bruns 2012, Thiers et al. 2013). Specimens are damaged due to the usage
of unsuitable, non-archival materials, overuse of stains or splashes of stains and chemicals, surface
dirt, insect damages and wasting or overusing of the specimen (Dentinger et al. 2016, Thiers &
Halling 2018). In addition to the physical damages, taxonomical losses can occur in old specimens
such as lack of enough fruiting bodies on specimens due to examination by mycologists and loss of
some morphological characters (Senanayake et al. 2018).
Documents need to attach with the specimens when posting
Fungarium specimens are biological materials and can only be sent out or loaned for
scientific studies. All rules and regulations according to international and regional laws should be
followed (Thiers 2020). At all times, fungarium materials loans should have the following
documents.
1. Material Transfer Agreement (MTA)
The material transfer agreement is a document signed between the party that sends the specimen
and the party that receives the specimens to explain their rules and regulations (Verkley et al.
2020). There should be a specific label on the packaging to clarify that the specimen contained is a
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“dry fungarium specimen for scientific study with no commercial value” and any invoice should
also be included.
2. Some other useful documents depending on the fungarium institute and country.
Most countries have restricted sending biological materials across the borders post COVID 19
pandemic. Some countries may quarantine the packages for 14 days especially if packages are from
high risk areas.
3. Phytosanitary certificate.
Plant quarantine procedures are needed when transporting fungi with plant parts across the borders
of some countries (Laird 2002).
4. Permit to import laboratory specimens (e.g: one year permit)
Recommendation for the numbers of cultures, fungarium specimens and sequence data
needed for publication
Preserved cultures in culture collections are metabolically inactive (Seifert & Rossman 2010).
This can be an ex-type strain, authentic strain, original strain or reference strain. Ex-type living
cultures should be deposited when introducing a new species (Agerer et al. 2000, Senanayake et al.
2017b) while cultures obtained from new hosts and geographical records or specimens of extant
species can be reference strains (Doilom et al. 2017). All published cultures are deposited in an
accessible culture collection. Hence, we provide the following recommendations:
1. Ex-type strains should preferably be deposited in at least two easily accessible culture collections
and it will ensure that cultures are available in at least one collection for future studies. Cultures can
be contaminated or lost. Thus, depositing more than one culture collections will ensure the
safeguarding of the deposited cultures.
2. Ex-type strains should also be kept in a personal culture collection with replicates. Personal
culture collections are quickly accessible resources and researchers can obtain any additional data
easily from cultures such as sequence data, colony and phenotypic characters.
3. Three isolates should preferably be obtained from the same specimens, but from different
fruiting bodies to compare their colony characters.
4. Isolates obtained from a holotype, isotype and paratype should preferably be sequenced and
DNA sequences deposited in GenBank.
5. Nontype strains are also very important to confirm the taxonomic characters of the desired taxon.
If there are some missing characters or details in the original description such as asexual or sexual
morph, and colony characters on different media of the taxon can be obtained from reference
strains, this may add additional value to the taxon. Reference strains can be used to confirm
existing characters of those taxa too.
6. Colony characters should be obtained from the original cultures as these characters are subjected
to changes after several sub-culturing.
7. The holotypes are generally deposited at the nearest accessible repository to the collected locality
or accessible repositories where authors are affiliated. Isotypes or paratypes should be deposited in
different fungaria if available and this ensures the availability of the specimens for future studies
(Seifert & Rossman 2010).
Discussion
Numerous fungal and fungus-like species have been discovered yearly over the last decades
(Wu et al. 2019). This has resulted in an increased interest in fungal taxonomy and the development
of new tools and methods in fungal systematics (Guarro et al. 1999). Phenotypic characters are the
fundamental attributes in myco-taxonomy and it gives a basic figure of an unknown taxon.
Morphology provides a particular dimension to the taxonomy of a species and nowadays these are
supported with DNA sequence based phylogeny and its evolutionary relationships can be inferred
(Hyde & Soytong 2008). However, there is no general consensus among taxonomists about which
morphological criteria should be emphasized on (Guarro et al. 1999) and different taxonomists
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adopted different methods. The techniques used in morphological studies are scattered in different
papers and the main objective herein was to provide a synthesis and attempt to summarise widely
used and ease mycologists task in the search of a particular method. The commonly used
techniques for microfungi has been reviewed and discussed herein under five major topics.
Morphological examination and isolation techniques are important to obtain a taxonomic
description of a taxon (Sun & Guo 2012, Fernandes et al. 2015). The techniques or methodologies
can greatly inﬂuence perceived fungal diversity and must constantly reduce the practical problems
as far as possible (Hyde & Soytong 2008). However, the selected techniques are based on the
facilities in the laboratories, cost for the experiments and the availability of expertise.
Mycologists in developing countries use low-cost techniques (Sati 2006). The innovation of
simple methods or methods which are low in cost is needed for developing countries. As an
example, an aseptic workbench is better than laminar airflow when considering the cost. In
addition, use of toxin free, low cost chemicals and reagents are encouraged to protect the
environment because the toxic chemicals have harmful health effects.
In old Protologues, some morphological characters were either not examined or not included,
while recent descriptions include more character details. Some important characters that were not
originally examined are revealed in recent studies using modern microscopy and based on these
newly investigated characters, previously described species may be introduced as new ones.
Therefore, it is necessary to compare the same set of morphological characters of new collections
with the previous collections of existing species that have poor Protologues.
Technology has played an important role in the expansion of taxonomy (Guarro et al. 1999).
Specifications of microscopes have technologically advanced during the last several decades
(Swedlow 2012). Therefore, accurate measurements and characters can be obtained. However, the
measurements of a fresh specimen may not always totally tally with the measurements of holotype
in the same species because of technical errors. Therefore, a combination of characters and their
size, shape, colour, ecology, biological activities and molecular phylogeny are considered while
delineating species (Lodge et al. 2014).
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